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DISSERTATION ABSTRACT


Zoe Irons


Doctor of Philosophy in Biology


Title: The Role of Cilia Motility in Axial Morphogenesis 


The spine is the core of the vertebrate body axis, providing structural support and playing 

a role in establishing body shape. The linearity of the spine is essential for proper function. 

Scoliosis, or curvature of the spine, is present in 3-4% of the human population and can cause 

chronic pain as well as compression of the lungs and heart in severe cases. In this dissertation, I 

used zebrafish to study the role of cilia motility in morphogenesis of the body axis and the 

development of scoliosis. Previous work has established cilia motility as essential for zebrafish 

embryos to uncurl their bodies from around the yolk during the first 24 hours post fertilization. 

In Chapter I, I found that the protein Daw1 regulates the timely onset of cilia motility, and that 

embryos are able to remodel their body axes up to 3 days post fertilization. 


In Chapter II, I investigated factors functioning downstream of cilia motility that control 

body and spine morphogenesis. The Reissner fiber assembles downstream of cilia motility. Using 

zebrafish lacking Daw1, I showed that this fiber also assembles in response to a delayed cilia 

motility cue. The expression of the Urotensin-like peptides, Urp1 and Urp2, is increased as a 

result of cilia motility in the central canal. By generating mutants lacking both peptides, I 

showed that these peptides are dispensable for early body morphogenesis, but critical for the 
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maintenance of spinal straightness in adulthood. This work revealed new components of spinal 

morphology that could be playing roles in human scoliosis.


Lastly, in Chapter IV I investigated the mechanism stops further morphogenetic tissue 

movements once a linear body axis is generated. This occurs in embryos lacking Pkd2, a calcium 

ion channel known to play a role in flow sensory pathways. Using epistatic tests, I showed that 

pkd2 acts in a pathway independent of cilia motility and fluid flow to prevent axis over-

straightening. Collectively, this dissertation advances our understanding of the role of cilia 

motility, fluid flow, and downstream factors in body axis straightening and the maintenance of 

spinal straightness. 


This work contains both unpublished and published co-authored materials.
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CHAPTER I: INTRODUCTION


Chapter I contains unpublished material by me. 


Chapter II contains published co-authored material by me and Dr. Elizabeth Bearce, and Dr. 

Daniel Grimes


Chapter III contains unpublished and published co-authored material by me, Dr. Elizabeth 

Bearce, and Dr. Daniel Grimes 


Chapter IV contains unpublished material by me. 


The spine is the center of the vertebrate body axis. It provides internal stability, and 

serves as a point of connection for other axial structures such as muscle, vasculature, and the 

nervous system (Bagnat & Gray, 2020). The most common condition associated with spinal 

morphology is scoliosis, a three-dimensional curvature of the spine. Worldwide, scoliosis occurs 

in approximately 3% of the population, more commonly in those assigned female at birth (Shakil 

et al., 2014; Rolton et al., 2014; Haleem et al., 2018). It can be categorized according to age of 

onset (e.g., infant, adolescent, or adult), or according to etiology: idiopathic, neuromuscular, or 

congenital (Shakil et al., 2014; Sung et al., 2021). Congenital scoliosis is often diagnosed at birth 

and characterized by the presence of vertebral deformities (Weiss, 2016). Neuromuscular 

scoliosis is curvature associated with an underlying condition such as Duchenne muscular 

dystrophy, in which muscle defects are thought to be the underlying cause of spinal deformities 

(Archer et al., 2016). However, the most common type of scoliosis is adolescent idiopathic 

scoliosis (AIS), which is diagnosed in adolescence, and typically onsets during adolescent 
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growth. (Janicki et al., 2007; Sung et al., 2021). In severe cases, spinal curvature can impact both 

heart and lung function (Janicki et al., 2007; Huh et al., 2015); while highly invasive and 

expensive, the current most effective treatment is spinal corrective surgery (Shakil et al., 2014; 

Janicki et al., 2007). While many models and ideas have been proposed, there is still little 

evidence and few explanations of the underlying mechanisms occurring in AIS. 


Many of the first animal models of scoliosis were avian, but due to low genetic 

tractability, mice quickly became a popular alternative. However, this system is complicated by 

the fact that quadrupeds experience vastly different biomechanical forces on their spines when 

compared to humans (Janssen et al., 2011; Terhune et al., 2022), leading to the rise of zebrafish 

as an alternative (Grimes et al., 2016, Terhune et al., 2022). First documented in guppies, teleost 

fish are known to develop idiopathic-like scoliosis at a relatively high rate (like humans), unlike 

quadrupeds, possibly due to biomechanical similarities of swimming through water and standing 

upright, parallel to the force of gravity (Gorman & Breden, 2009). Since then zebrafish have 

been successfully used to model scoliosis using mutants that present some attributes AIS (Grimes 

et al., 2016). 


In zebrafish, mutations that disrupt the function of motile cilia invariably cause scoliosis-

like spinal curves (Grimes et al., 2016). Cilia are small, hair-like organelles found on the surface 

of most cells that can be sensory or motile. Motile cilia, on specialized cells, are able to beat 

back and forth, generating fluid flows within body cavities (Drummond, 2012). In zebrafish, this 

function is particularly important within the central canal of the spinal canal. Grimes et al. 

showed that loss of cilia motility during juvenile growth stages, leading to impaired flow of 

cerebrospinal fluid, causes zebrafish to develop AIS-like spinal curves (Grimes et al., 2016). 
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In humans, primary ciliary dyskinesia (PCD) is a condition in which motile cilia do not 

function properly. PCD causes a range of symptoms, owing to the diverse role of motile cilia 

throughout organ systems. Prominent among these include pulmonary obstruction and infection 

resulting from impaired mucus clearance, male and female sub- or infertility, and heterotaxy 

(Waters & Beales, 2011; Newman et al., 2023). In this condition, placement of internal organs 

across the left-right axis is fully or partially reversed, as internal left-right asymmetry is 

established through a motile cilia- and fluid flow-based mechanism during embryogenesis 

(Nonaka et al., 1998; Grimes & Burdine, 2017; Grimes, 2019b). This occurs in a temporary 

organ called the node in mammals and Kuppfer’s Vesicle (KV) in zebrafish (Nonaka et al., 1998; 

McGrath et al., 2003; Essner et al., 2005; Kramer-Zucker et al., 2005). Loss of cilia-generated 

flow or flow sensory mechanisms causes randomization of internal laterality (McGrath et al., 

2003; Essner et al., 2005; Grimes & Burdine, 2017). In human development, this often has the 

knock-on effect of congenital heart defects (Jin et al., 2017) due to the influence of left-right 

asymmetry on cardiac morphogenesis (Kathiriya & Srivastava, 2000). 


While zebrafish are often used to study left-right patterning and heart looping (Essner et 

al., 2005; Kramer-Zucker et al., 2005; Gourronc et al., 2007; Jaffe et al., 2016; Grimes & 

Burdine, 2017), zebrafish with defective cilia motility were first identified by a different, more 

immediately obvious phenotype (Haffter et al., 1996; Brand et al., 1996, Sullivan-Brown et al., 

2007) referred to as curly tail down (CTD). During the latter part of the first day post 

fertilization, the zebrafish body axis elongates and uncurls from around the yolk (Figure 1.1), 

eventually forming a straight body axis (Grimes, 2019a). In cilia motility mutants, this process 

fails and embryos develop a ventrally curved body axis, CTD (Figure 1.2B). Usually, this 
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condition is lethal as embryos are unable to eat during larval stages 

and typically arrest around 7-10 days post fertilization (dpf). 

Indeed, the discovery of the adolescent growth role for motile cilia 

in spinal morphogenesis was only discovered by rescuing the early 

CTD phenotype using mRNA injection approaches and a 

temperature-sensitive mutant (Grimes et al., 2016). The fact that 

motile cilia (as well as other factors) control initial axial 

straightening during embryogenesis and long-term maintenance of 

the shape of the body and spine hinting at a connection between 

pathways that generate and then maintain the body axis. As such, 

initial axial straightening could serve as a tractable surrogate 

system for understanding, at least in part, pathways operating later 

in life to maintain the spine.


In Chapter II, I discovered novel mechanisms of action of 

the cilia-associated protein Daw1. Daw1 had previously been 
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Figure 1.1. Zebrafish embryos gradually uncurl from the yolk during the first 32 hpf. In 
early development, zebrafish embryos begin curled around the yolk. As they grow during the 
first day post fertilization, their body axis gradually uncurls and becomes straight.

Figure 1.2. Two types 
of axial defects in 
zebrafish embryos. 
(A) A wild type 
zebrafish larva at 28 
hpf. (B) A zebrafish 
larva at 28 hpf with 
curly tail down (CTU). 
(C) A zebrafish larva at 
28 hpf with curly tail 
up (CTU). Scale bar: 
1mm



studied in the single-celled alga Chlamydomonas (Ahmed & Mitchell, 2005; Ahmed et al., 2008) 

and in zebrafish injected with morpholinos (Gao et al., 2010), where it was shown to control cilia 

motility by assisting in the import of dynein motor complexes. However, its roles in embryonic 

and juvenile development had never been studied. In collaboration with Dr. Elizabeth Bearce, I 

discovered that Daw1 is required for timely onset of cilia motility, causing full penetrance of 

PCD phenotypes early in development (laterality defects and CTD), while only weak penetrance 

of scoliosis in juvenile stages and adulthood (Bearce, Irons, Craig, et al., 2022). Additionally, I 

used the temperature-sensitive allele cfap298tm304, which can be used to stop and start cilia 

motilty by shifting incubation temperatures, to show that the body axis is able to “recover” from 

CTD if cilia motility is restored as late as 3 days post fertilization. This recovery took longer and 

is sometimes less complete than when cilia motility is restored earlier (Bearce, Irons, Craig, et 

al., 2022). This demonstrated that the zebrafish body axis displays plasticity and can remodel, a 

kind of "shape regeneration". The results of our study on daw1 in zebrafish were complemented 

by work we performed in collaboration with Dr. Emma Baple’s group at the University of Exeter 

Medical School. They identified patients with sequence variants in DAW1 that exhibited 

heterotaxy, a sign of cilia motility dysfunction during early development. However, patients 

exhibited only mild respiratory defects and no infertility, calling into question whether symptoms 

were indeed caused by cilia dysfunction (Leslie et al., 2022). We modeled the human variants in 

zebrafish, showing that they do disrupt Daw1 function. Moreover, our findings in zebrafish also 

explained the unusal form of PCD in this patient cohort, because, as in zebrafish, patients 

exhibited disruptions to developmental events (left-right patterning) but not later homeostatic 

processes (airway clearance).
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In chapter III, I investigate two factors that may function downstream of cilia motility 

and flow signals during axial morphogenesis: the Reissner fiber, a thin proteinaceous fiber 

running through the central canal (Cantaut-Belarif et al., 2018), and the urotensin-related 

peptides Urp1 and Urp2, small cyclic peptides expressed in flow-sensory neurons in the central 

canal (Zhang et al., 2018). The Reissner fiber is mostly comprised of the protein SCOspondin 

that runs down the length of the central canal of most vertebrates. It is known to assemble 

downstream of cilia motility and is required for axial straightening (Cantaut-Belarif et al., 2018). 

Recently, Troutwine et. al. endogenously tagged SCOspondin with GFP, allowing fiber assembly 

to be observed in vivo (Troutwine et al., 2020). In collaboration with Dr. Bearce, I combined this 

allele with daw1b1403 to show delayed assembly of the fiber in response to delayed onset of cilia 

motility. I also generated zebrafish lacking both urotensin-related peptides (Urp1 and Urp2), 

revealing that they are in fact dispensable for axial straightening, but instead are required for 

long-term maintenance of spinal straightness during juvenile growth, as adults lacking Urp1 and 

Urp2 developed severe spinal curves. 


Lastly, in Chapter IV, to determine how axial straightening morphogenesis ceases once 

the linear axis is formed, I investigated mutants displaying the “opposite” phenotype to CTD, 

curly tail up, or CTU (Figure 1.2C). These mutants contained mutations in the zebrafish ortholog 

of the gene PKD2, one of two genes (the other being PKD1) previously identified as responsible 

for causing autosomal dominant polycystic kidney disease in humans (Boucher & Sandford, 

2004). Zebrafish mutant for pkd2 develop left-right patterning defects, as Pkd2 is known to act as 

a flow sensor downstream of cilia motility in KV in complex with Pkd1l1 (Field et al., 2011). I 

hypothesized that Pkd2 could similarly be acting downstream of fluid flow in the central canal, 
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this time in complex with Pkd1 and Pkd1b. I generated zebrafish doubly mutant for pkd1 and 

pkd1b showing that embryos developed CTU like pkd2 mutants. This supports a model in which 

Pkd2 functions with Pkd1/Pkd1b to control axial morphogenesis. However, epistasis tests 

combing pkd2b1402 mutants with the cilia motility mutant cfap298tm304, Reissner fiber mutant 

sspob1446, and urp1∆P;urp2∆P mutants showed that pkd2 is likely to act in a cilia-independent 

pathway to prevent axis over-straightening. In a final series of experiments, I developed tools 

which will allow for a future assessment of the requirement of Pkd2 function in the notochord, 

another tissue involved in axial straightening.


Taken together, my results provide new insights into the cilia-depedent and cilia-

independent mechanisms that collaborate to straighten the body axis in zebrafish. The cilia-

dependent pathway provides instructions for axial straightening, which is then countered by a 

cilia-independent mechanism involving the polycystin proteins Pkd2, Pkd1, and Pkd1b (Figure 

1.3), possibly functioning in the notochord. 

22



23

Figure 1.3. Model of axial straightening. My work spans multiple tissues to investigate 
the mechanisms of axial straightening in zebrafish. Motile cilia in the central canal generate 
cerebrospinal fluid (CSF) flow, which leads to Urotensin peptide expression, Reissner fiber 
formation and the gradual uncurling of the body axis from the yolk. Simultaneously, Pkd2 
acts in a cilia-independent mechanism to prevent axis over-straightening.
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Introduction


Motile cilia are microtubule-based organelles that protrude from the cell membrane and 

beat to drive cell propulsion and generate extracellular fluid flows. They are involved in several 

developmental and homeostatic processes (Spassky & Meunier, 2017) including airway 

clearance, left-right (L-R) organ asymmetry and fertility (Wallmeier et al., 2020). Zebrafish, 

Danio rerio, is a powerful model for elucidating roles of motile cilia in development and disease 

(Austin-Tse et al., 2013; Becker-Heck et al., 2011; Kramer-Zucker et al., 2005). Zebrafish 

mutants with perturbed motile cilia exhibit aberrant L-R patterning as a result of impaired fluid 

24



flow within the L-R organizer, Kupffer’s Vesicle (KV) (Kramer-Zucker et al., 2005; Essner et al., 

2005). 


Normally, leftward fluid flow within the KV results in the repression of dand5 on the left 

side of KV, leading to the asymmetric activation of nodal in the left lateral plate mesoderm 

(LPM), therefore allowing for establishment of the Nodal pathway in the left, but not right, LPM 

(Grimes & Burdine, 2017). Nodal signaling in the left LPM signals to the developing heart cone, 

instructing cells to migrate to the left (Baker et al., 2008; Smith et. al., 2008), establishing the 

leftward position of the heart. This process, called jogging, is followed by cardiac looping, in 

which the heart tube bends rightward to produce a dextral S-shaped heart with the ventricle on 

the right side of the atrium (Desgrange et al., 2018; Grant et al., 2017). This process is analogous 

to heart looping in human heart development (Grant et al., 2017). Defects in the activity or 

sidedness of the LPM Nodal pathway result in abnormally lateralized heart jogs and loops 

(Grimes, 2019b). 


In humans, disorders arising from defective cilia motility (termed motile ciliopathies) are 

characterized by a range of clinical features. One of the first of these noted was situs inversus, in 

which the laterality of the internal organs is reversed (Waters & Beales, 2011). While 

occasionally benign, this often has the added effect of causing congenital heart defects, as the 

previously described process of heart looping is sensitive to disruptions in Nodal signaling (Jin et 

al., 2017; Peeters & Devriendt, 2006). The most common motile ciliopathy is primary ciliary 

dyskinesia (PCD). In addition to laterality defects, PCD patients present with recurrent ear and 

lower respiratory infections, caused by a failure of mucus clearance in the lungs and ear canals. 

Both genetically male and female patients also commonly experience infertility or sub-fertility 
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caused by defects in sperm flagella motility and impaired cilia motility within the fallopian tubes 

and along endometrium (Leigh et al, 2009; Newman et al, 2023). The genetic cause of PCD is 

often a homozygous mutation in one or more genes involved in cilia assembly, structure, or 

function (Leigh et al, 2009; Waters & Beales, 2011).


In zebrafish, motile cilia are responsible for generating flow of cerebrospinal fluid (CSF) 

in the central canal (Kramer-Zucker et al., 2005; Olstad et al., 2019; Thouvenin et al., 2020). In 

the absence of CSF flow, zebrafish are unable to straighten the body axis over the first day of 

development, causing ventral axis curves referred to as ‘curly tail down’ (CTD) (Kramer-Zucker 

et al., 2005). Transiently restoring cilia motility to rescue CTD showed that motility is also 

required for the maintenance of spinal straightness during juvenile growth, with late disruption of 

motility causing three-dimensional spinal curves (Grimes et al., 2016). These phenotypes 

mimicked the prevalent human spine disorder idiopathic scoliosis (IS) in which curves manifest 

during adolescent growth (Bearce & Grimes, 2021; Boswell & Ciruna, 2017; Chen et al., 2016; 

Grimes et al., 2016). 


These examples attest that motile cilia play diverse roles during development, growth and 

homeostasis, across varied time scales. During L-R patterning, ∼50-200 motile cilia act rapidly, 

over a few hours (Little & Norris, 2021). Otolith, or “ear stone”, formation in zebrafish, is 

similarly closely tied to the first day of development, during which motile cilia on opposite poles 

of the otic vesicle create fluid vortices that attract otolith precursor particles to form two stones 

of approximately equal size (Colantino et al., 2009; Stooke-Vaughan et al., 2012). In other 

contexts, such as airway clearance, hundreds of thousands of cilia function throughout life, with 

a gradual turnover of ciliated cells. As such, the requirements for timely initiation of motility 
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after cilia emerge from cells is likely to be context-dependent. Yet, little is known about the 

regulation of when cilia begin to beat as (or after) they form. In Chlamydomonas reinhardtii, a 

unicellular algae, cilia achieve periodic beating when 4 µm long, approximately one third of their 

final length (Bottier et al., 2019). In the zebrafish KV (Essner et al., 2005; Kramer-Zucker et al., 

2005), the majority of cilia are immotile at the three-somite stage but become motile by the 

eight-somite stage, 2.5 hours later (Tavares et al., 2017). Similarly, airway cilia waveforms 

change as specific dynein arm motors are localized to the axoneme during cilia growth (Oltean et 

al., 2018). Discovering factors which regulate when cilia begin to beat robustly and determining 

their importance in cilia-dependent processes would lend support to a hypothesis that ‘beat onset’ 

is itself a regulatory step, beyond being some final consequence of cilia assembly. 


Motile cilia consist of an axoneme of an outer ring of nine microtubule doublets and, 

usually, a central pair of microtubules (Ishikawa et al., 2021). Cilia form from basal bodies, 

modified centrioles, which have docked with the apical plasma membrane (Kumar & Reiter, 

2021). They are built and maintained by intraflagellar transport (IFT), in which motors transport 

cargo along the axoneme (Kozminski et al., 1993; Lechtreck, 2015). Motility is generated by 

outer and inner dynein arms, which power cilia beat frequency and waveform, respectively 

(King, 2016; Oda et al., 2014). Outer dynein arms (ODAs) are assembled in the cytoplasm then 

imported into the cilium (Fowkes & Mitchell, 1998; Lechtreck, 2015; Omran et al., 2008). 

Import depends on ODA16, which physically bridges ODAs and the IFT-B complex protein 

IFT46 (Dai et al., 2018; Hou & Witman, 2017; Taschner et al., 2017). In Chlamydomonas, loss of 

ODA16 causes decreased axonemal localization of ODAs and defective motility (Ahmed & 

Mitchell, 2005; Ahmed et al., 2008). This function is conserved, with motile cilia-associated 
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phenotypes being found in zebrafish, mice and planarian flatworms upon perturbation of ODA16 

homologs (Gao et al., 2010; Lesko & Rouhana, 2020; Solomon et al., 2017). Some species-

specific differences in ODA16 homolog structures also imply possible differences in the 

mechanics of ODA16 action (Wang et al., 2020). Moreover, ODA16 is not absolutely required 

for motility in some contexts; for example, in Chlamydomonas, ODA16 is not essential for ODA 

import, but instead enhances the efficiency of import (Ahmed and Mitchell, 2005; Ahmed et al., 

2008). 


While exploring the zebrafish ODA16 homolog, Daw1, we found that Daw1 controls the 

timely onset of cilia beating during development. Embryonic phenotypes were fully penetrant in 

daw1 mutants but later phenotypes, including spinal curves, only occurred in a subset of mutants. 

Daw1-deficient zebrafish showed reduced cilia motility during the first day of development but, 

over the following days, motility increased to wild-type levels. Daw1 therefore ensures that 

timely and robust motility is achieved during development. The motility delay caused CTD 

during early stages which, remarkably, later self-corrected. Thus, zebrafish larvae can adapt to 

anatomical aberrations and re-organize to generate the ‘target morphology’ of a linear body. 

Overall, this demonstrates that Daw1 is a regulator of the timing of onset of cilia motility and 

establishes the requirements of this function in development. 


Additionally, in collaboration with Emma Baple and Andrew Crosby (University of 

Sheffield), we were able to examine the consequences of impaired DAW1 function in a human 

disease context. In a cohort of patients homozygous for mutations in DAW1, the Baple/Crosby 

lab had identified the presence of situs inversus, a characteristic symptom of PCD, without a 

number of symptoms that often accompany it such as sub-fertility and chronic lower respiratory 
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infections (Leslie et al., 2022). This unique combination prompted us to investigate the role of 

DAW1 in human development, and model the alleles seen in patients using zebrafish. We found 

that human DAW1 variants were indeed non-functional, providing critical evidence that DAW1 

mutations cause a motile ciliopathy mostly characterized by L-R defects. Our model that Daw1 

controls the timely onset of beating, and so is more important in cell types that form cilia and 

function on rapid timescales, like the LRO, and less essential where cilia function in great 

numbers with gradual tissue turnover, like the airways, can explain this unusual ciliopathy.


Results


daw1b1403 mutants exhibit phenotypes of cilia motility mutants at early stages, but not later 

stages.


We generated a daw1 mutant line harboring a deletion of two amino acids located 

centrally in a β-propeller structure (Figure 2.1A,B; Figure 2.2). This should disrupt Daw1 

function as the β-propeller interacts with ODAs (Taschner et al., 2017). daw1b1403 homozygous 

adults were viable and fertile; most showed no obvious phenotypes. However, ∼20% exhibited 

spinal curves in dorsal-ventral and medio-lateral directions (Figure 2.1C-E′; Figure 2.3A-C). 

Curves occurred in the absence of abnormalities in vertebra shape or patterning, suggesting that 

they were not caused by structural vertebral defects (Figure 2.3; Movie 1). Coupled with the 3D 

nature of the curves this suggested that phenotypic daw1b1403 mutants exhibited characteristics of 

IS.


Although other cilia motility mutants are known to develop IS-like spinal curves (Grimes 

et al., 2016), daw1b1403 mutants were unusual in that the penetrance of curves was low. We 
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hypothesized this could be due to cilia motility being only partially affected in daw1b1403 

mutants. We first investigated this by determining the consequences of daw1b1403 mutation in 

contexts beyond the spine, given that daw1 is expressed in numerous motile ciliated tissues in the 

embryo (Figure 2.4; Gao et al., 2010). daw1b1403 mutants had high levels of L-R patterning 

defects and otolith placement abnormalities (Figure 2.1F,G). two processes partly controlled by 

motile cilia (Colantonio et al., 2009; Grimes & Burdine, 2017). In addition, 100% of daw1b1403 

mutants exhibited CTD at 25 hours post fertilization (hpf) (Figure 2.1H), as also found in Daw1 

morphants (Gao et al., 2010). Abnormal cilia motility-associated phenotypes were therefore fully 

penetrant in daw1b1403 mutants during early development.
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Figure 2.1. daw1b1403 mutants exhibit motile cilia-associated defects. (A) The 418 amino acid 
Daw1 protein with short N- terminal domain (NTD) and large β-propeller composed of WD40 
repeats. daw1b1403 deletes two conserved residues, I140 and A141. (B) Human DAW1 X-ray 
structure (Protein Data Bank: 5NNZ) showing I140 and A141 location. (C-E) 3D reconstitutions 
of µCT data. Most daw1b1403 mutants showed normal spines (D), but 20% exhibited curves (E), 
compared with control (C). (C′-E′) Quantitation of curvature showed curved daw1b1403 mutants 
had a non-stereotyped pattern (E′), compared with control (C′) and non- curved daw1b1403 
mutants. (F) Top: representative image of 25 hpf larvae showing the heart (dotted oval) on top of 
the yolk (dotted line). Bottom: daw1b1403 mutants exhibited randomized heart laterality including 
left (L; green), middle (M; orange) and right (R; magenta)-facing hearts (n=91 mutants and 98 
sib controls; ***P=4.84×10−21, chi square). (G) Top: otic vesicles at 25 hpf showed abnormal 
phenotypes in daw1b1403 mutants [2N (green) – two normal; 3F (orange) – three otoliths, 
posterior two fused; 3S (magenta) – three separate otoliths. Bottom: quantification of n=116 
mutants and 132 sibs; ***P=1.31×10−12, chi square. (H) CTD in daw1b1403 mutants was fully 
penetrant at 25 hpf. Scale bar: 0.5 mm (H).





Figure 2.2. Schematic of the daw1b1403 mutation. The daw1 locus is composed of 12 exons. An 
sgRNA target sequence (purple) with PAM (blue) disrupted exon 5. The presence of insertion- 
deletion mutations was initially screened in G0 embryos by protection from restriction enzyme 
digestion with HpyAV. The daw1b1403 allele that was isolated encodes a 6-base pair deletion, as 
shown in the Sanger sequencing traces.   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Figure 2.3. µCT and calcein staining of daw1b1403 mutants and sibling controls. (A-C) µCT 
data visualized as maximum intensity projections from nine fish: daw1b1403 heterozygotes (A); 
daw1b1403 homozygotes that were straight at 5 d.p.f. (B); and daw1b1403 homozygotes that 
retained axial kinks at 5 d.p.f. (C). Spinal curves were present only in a subset of fish within the 
latter category (C). (D-F) Epifluorescent stereoscope images of calcein-stained 10 d.p.f. 
daw1b1403 heterozygotes (D), and straight (E) or kinked (F) daw1b1403 homozygotes following 
incubation with calcein vital dye. Scale bars: D-F; 1 mm. 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Figure 2.4. Expression of daw1 across 1-5 d.p.f. zebrafish larvae from a single-cell RNA 
sequencing atlas. (A) UMAP plot visualizing whole-zebrafish single cell RNA sequencing data 
from 1-5 d.p.f. larvae. Some clusters corresponding to cell types harboring motile cilia are 
highlighted. (B-C) UMAP (B) and dot (C) plots of daw1 and foxj1a expression, showing that 
both expression profiles closely overlap. Foxj1a is a master regulator of motile ciliogenesis and 
robust marker of motile-ciliated cell types. In (C), the size of the dot indicates the number of 
cells expressing the gene of interest in the cluster and the intensity of purple correlates with the 
average number of reads within cells in the cluster. Cell types were interpreted based on 
expression of 16 highly expressed marker genes (Farnsworth et al., 2020). CNS – central nervous 
system, CSF-cN –cerebrospinal fluid-contacting neuron. 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To investigate why only 20% of daw1b1403 mutants developed adult spinal curves, we 

followed mutants through development and growth. Mutants initially exhibited CTD, but most 

recovered to generate a linear axis by 3-5 days post fertilization (dpf) (Figure 2.5A-E′), as shown 

by quantitation of body angle, θ. Although significantly different at 1 dpf, by 5 dpf, θ for mutants 

and controls was similar (177.8±12.1° for daw1b1403 and 190.4±0.8° for controls, mean±s.d.; 

Figure 2.5E′). Thus, the consequences of daw1 mutation on body axis development are 

temporary, with mutants being able to self-correct early curves. 


Although most recovered, some daw1b1403 mutants retained axial kinks (Figure 2.5E′; 

Figure 2.6A-B). To determine whether these caused later IS-like phenotypes, we followed kinked 

and straight mutants to adulthood. Of mutants that had attained straightness by 5 dpf, 0/28 (0%) 

showed spinal curves as adults (Figure 2.1D,D′; Figure 2.3B) but 23/65 (35%) mutants that 

exhibited kinks at 5 dpf developed curves (Figure 2.1E,E′; Figure 2.3C). Thus, spinal curves 

arose in mutants that failed to fully recover from CTD. This could explain why daw1b1403 

mutants exhibit a different, more variable, curve pattern compared with other cilia-associated IS 

genetic models in which spinal curves are caused by reduced cilia motility during juvenile 

growth (Grimes et al., 2016). 
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Figure 2.5. Body axis curvature self-corrects after delayed onset cilia motility. (A-E) The 
first 5 days of development show daw1b1403 mutants self-correct curves. (A′-E′) SuperPlots of 
body angle, θ (inset in A′). Pairwise comparisons used two-way ANOVA adjusted for multiple 
comparisons. (F-I) TICS of CC cilia motility at different time points. (F′-I′) SuperPlots of the 
proportion of the CC covered by cilia motility (motile area). ***P<0.001, **P<0.01, *P<0.05 
(two-tailed unpaired t-tests). ns, not significant. Scale bars: 0.5 mm (A-E); 5 µm (F-I).
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Figure 2.6. Axial phenotypes and central canal cilia in daw1b1403 mutants. (A-B) Group shots 
of daw1b1403 sibling (A) and daw1b1403 mutant (B) clutches at 5 d.p.f. While most mutants 
successfully straighten, a subset maintain mild axial kinks. (C) Acetylated alpha-tubulin (cilia) 
and gamma-tubulin (basal body) immunolabeling of daw1b1403 siblings and homozygous mutant 
fish at 28 h.p.f. (D) Cilia length quantification reveals no significant difference between controls 
and mutants (t-test applied). Dots represent individual cilia, triangles show averages of data from 
different individual embryos and black lines show means. Data are from 6 siblings and mutants 
with >50 cilia per field of view and 3-4 fields of view per individual. ns – not significant. Scale 
bar: A; 5 μm. 
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daw1b1403 mutants exhibit delayed onset of robust cilia motility in the central canal


To understand how daw1b1403 mutants 

self-corrected axial curves, we assessed motile 

cilia in the central canal (CC). Immunostaining 

showed normal length of CC cilia in mutants 

(Figure 2.6C-D), as expected (Gao et al., 2010). 

Although controls showed robust cilia beating 

(average frequency: 17.1±5.8 Hz) most cilia in 

daw1b1403 mutants were static (Figure 2.5F; 

Movie 2), something corroborated by 

quantitation of the area occupied by moving 

cilia, termed motile area (Figure 2.5F′). The few 

cilia in mutants that showed motility beat 

slowly (7.4±2.7 Hz) and erratically (Figure 

2.5F; Figure 2.7). Thus, the motility of CC cilia 

was significantly reduced in daw1b1403 mutants 

at 25 hpf, explaining the fully penetrant CTD at 

this stage. 


We hypothesized that self-correction of 

CTD might occur if CC cilia motility increased 

over time. Quantitation of motility at 34, 43, and 

52 hpf indeed showed such an increase (Figure 2.5G-I′; Figure 2.7; Movies 3-5). By 52 hpf, 
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Figure 2.7. Cilia kymograph and 
frequency data from live imaging in the 
central canal. (A-D) 
Kymographs extracted from live imaging of 
either daw1b1403 sibling or homozygous 
mutant fish at 25 h.p.f. (A), 34 h.p.f. (B), 43 
h.p.f. (C) and 52 h.p.f. (D). 1 pixel height 
corresponds to 1 frame (4 ms); total vertical 
height is equal to 1 second. (A’-D’) 
Quantitation of cilia beat frequencies for the 
subset of cilia that display any movement 
(Hz), extracted from kymographs. Readings 
are from 3-5 cilia from at least 3 regions of 
interest. *** P < 0.001, ns – not significant. 



motility was no longer statistically different in daw1b1403 mutants compared with controls (Figure 

2.5I′), showing that close to wild-type levels of motility were ultimately achieved, with a delay 

of ∼1.5 days. Beyond the CC, motile cilia in the pronephric duct also displayed time-dependent 

phenotypes in daw1b1403 mutants. At 25 hpf, mutant cilia beat more slowly and were disorganized 

compared with controls (Movies 6,7). By 34 hpf, motility was similar to controls and cilia were 

correctly bundled (Movies 8,9). By 

contrast, we found no differences in sperm 

flagellum motility from samples extracted 

from daw1b1403 mutant males (Movies 

10,11). This could be because short-term 

delays in motility onset are not evident in 

adult sperm cilia. Last, cilia in KV were 

immotile in daw1b1403 mutants (Movies 

12,13), similar to what was previously 

shown in Daw1 morphants (Gao et al., 

2010). This likely reflects that KV cilia are 

short-lived and have not had the necessary 

time to import ODAs in the absence of 

Daw1 function. Overall, this defines Daw1 

as a factor which controls the timely onset 

of cilia motility on developmental 

timescales in zebrafish. 
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Figure 2.8. daw1b1403 encodes a loss-of-function 
protein. (A-C) Lateral views of controls and 
daw1 and cfap298 crispants. (Aʹ-Cʹ) SuperPlots 
of body angle quantitation. Pairwise comparisons 
used two-way ANOVA adjusted for multiple 
comparisons. ***P<0.001, **P<0.01, *P<0.05. 
ns, not significant. (D) Expression of Daw1WT but 
not Daw1b1403 rescues the body curves of daw1 
crispants. Scale bars: 0.5 mm (A-D). 



This idea coheres with the model that Daw1/ODA16 enhances the efficiency of ODA 

import in Chlamydomonas (Ahmed and Mitchell, 2005; Ahmed et al., 2008). We suggest that 

inefficient ODA import in daw1b1403 mutants causes delayed onset of robust motility, explaining 

why motile cilia are more affected earlier in development (i.e. in KV as well as in the CC and 

pronephros at earlier time points) than later. This can also explain why early motile cilia-

dependent processes, where cilia function is required over a short time period, such as L-R 

patterning and initial axial straightening, are severely impacted while later ones are not.


daw1b1403 mutants contain a loss-of-function allele.


It is also possible that Daw1 is essential for the levels of ODA import needed for robust 

motility at all stages, as suggested by a previous morpholino knockdown study (Gao et al., 

2010), but that the daw1b1403 line encodes a hypomorphic mutation that reduces but does not 

abolish Daw1 function. As daw1b1403 encodes a two amino acid deletion, it is conceivable that 

mutant protein retains some function. Both models could account for delayed motility in 

daw1b1403 mutants. To distinguish, we targeted daw1 with multiple guide RNAs (gRNAs), 

generating crispant embryos with mosaic mutations. daw1 crispants showed CTD at 1 dpf 

(Figure 2.8A,A′; Figure 2.9A,B) then self-corrected between days 2 and 5. The majority 

(91.2±6.1%) achieved a linear body axis by 5 dpf (Figure 2.8B-C′). Using the same approach to 

target cfap298, an ODA assembly factor required for motility (Austin-Tse et al., 2013; Jaffe et 

al., 2016), led to cfap298 crispants which both developed and retained CTD (Figure 2.8A-C′). In 

addition, expression of mRNA coding for wild-type Daw1 rescued CTD in daw1 crispants, 

demonstrating the specificity of the phenotype induced by daw1 gRNAs (Figure 2.8D; Figure 
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2.9C). By contrast, expression of the Daw1b1403 variant did not rescue crispants, even partially 

(Figure 2.8D; Figure 2.9D). Last, we generated an additional mutant line, called daw1b1422, in 

which a large deletion and premature truncation codon occur (Figure 2.10A-C). daw1b1422 

mutants also exhibited CTD, which self-corrected over time (Fig. 2.10D-D′). Together, this 

suggests that daw1b1403 indeed represents a strong loss of function scenario. We therefore favor 

the model that, by enhancing the rate of ODA import, Daw1 controls the timely onset of robust 

cilia motility during development.


Figure 2.9. daw1 crispants phenocopy mutants and are rescued by over-expression of wild-
type, but not daw1b1403 mRNA. Lateral views of 28 h.p.f. fish. Uninjected, wild-type fish (A). 
Crispants generated by injection of 4 sgRNAs targeting daw1 exhibited CTD (B). Crispants were 
rescued by co-injected of 20 pg of wild-type daw1 mRNA (C) but not by daw1b1403 mRNA (D).  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Figure 2.10. daw1b1422 mutants harbor a large deletion and premature truncation codon and 
phenocopy daw1b1403 mutants. (A-C) Two sgRNAs (red) targeted the daw1 locus. Sequencing 
of both DNA (A) and cDNA prepared from a mutant mRNA library (B) revealed a large deletion/ 
inversion leading to a premature truncation of the protein prior to most functional domains (C). 
(D-D') Lateral views (D) and quantitation of body curvature (D') in daw1b1422 mutants. Pairwise 
comparisons used two-way ANOVA adjusted for multiple comparisons. ****P < 0.0001, ns – not 
significant. 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Zebrafish embryos are able to recover from CTD upon return of cilia motility up to 3 days post 

fertilization.


The self-correction of CTD in daw1 loss of function demonstrated the remarkable ability 

of zebrafish larvae to remodel their shape to achieve the species typical anatomy. To test whether 

this self-correction was caused by the late onset of cilia motility, we used a temperature-sensitive 

cfap298tm304 mutant line (Jaffe et al., 2016). At restrictive temperatures, cfap298tm304 mutants 

exhibited reduced CC cilia motility (Figure 2.11A; Movie 14) and ventral curves (Figure 

2.12A,A′); at permissive temperatures, cilia were motile and embryos underwent straightening 

(Figure 12; Movie 14; Jaffe et al., 2016). We performed restrictive-to-permissive temperature 

shifts to initially inhibit cilia motility but then later activate it (Figure 2.11D). Downshifting at 24 

hpf led to robust cilia beating by 52 hpf (Figure 2.11B,C; Movies 15,16); the majority of larvae 

corrected CTD (Figure 2.11B,C,E; Figure 13). By contrast, larvae maintained at restrictive 

temperatures showed no recovery of motility and retained CTD (Figure 2.11B,E; Movie 16). As 

a side note, a small proportion of mutants straightened at restrictive temperatures. This was 

partly dependent on whether or not mutants inherited wild-type cfap298 gene product from their 

mothers (Figure 2.12B). Overall, in both daw1b1403 and downshifted cfap298tm304 mutants, larvae 

responded by remodeling their abnormal shape to achieve the wild-type anatomy despite missing 

the developmental window during which axial straightening normally occurs. 


To determine whether the ability to self-correct CTD was maintained as larvae aged, we 

performed temperature shifts at progressive times (Figure 2.11D). Downshifting at 1 dpf resulted 

in axial straightening in 89.5 ± 18.3% of larvae by 24 h post-shift and 99.1 ± 1.6% by 48 h post-

shift. Downshifting at 2 and 3 dpf led to progressively less efficient straightening (Figure 2.11D; 
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Fig. 2.13), though the majority of mutants (80.0 ± 17.8%) downshifted even at 3 dpf still attained 

axial straightness by 4 days post-shift. Downshifting at 4 and 5 dpf led to inefficient 

straightening, with larvae largely being unable to attain a linear axis by the termination of the 

experiment at 7 dpf (Figure 2.11D; Figure 2.13). 
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Figure 2.11. Self-correction of curves can occur throughout developmental stages. (A-C) 
Top: TICS of CC cilia motility of 25 hpf cfap298tm304 mutants raised at 30°C (A), then 52 hpf 
after maintaining 30°C (B) or downshifting to 22°C at 24 hpf (C). Bottom: SuperPlots of motility 
data. Insets: axis straightening occurred in downshifted embryos but not those maintained at 
30°C. (D) Schematic of temperature (T) shifts. Embryos were raised at 30°C until either 1, 2, 3, 
4 or 5 dpf, then downshifted to 22°C, inducing cilia motility. Body angles were assessed until 7 
dpf. (E) Body angles across 1-7 dpf after temperature downshifts on days 1-5 (D1-D5). (F) 
Summary showing zebrafish larvae self-correct curves after robust CC cilia motility onsets. 
Distance around the sundial represents later times of motility onset in distinct conditions. 
****P<0.0001, *P<0.05 (two-tailed unpaired t-tests). Scale bars: 5 µm (A-C).




Figure 2.12. Body axis curvature in cfap298tm304 mutants is temperature dependent. (A-A') 
Lateral views (A) and quantitation of body curvature (A’) in cfap298tm304 sibling or homozygous 
fish over the course of 7 days of development, while housed at restrictive temperatures. (B) Body 
angle quantitation comparing zygotic and maternal-zygotic cfap298tm304 mutants. The latter 
undergoes lower levels of straightening, suggesting a small role for maternally-derived cfap298 
gene product. ****P < 0.0001, ***P < 0.001, *P < 0.05, ns – not significant. 
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Figure 2.13 Body axis recovery in cfap298tm304 mutants after temperature shifts. (A-B) 
Lateral views (A) and quantitation of body curvature (B) in cfap298tm304 sibling or homozygous 
fish over the course of 7 days of development, with temperature shifts indicated. ****P < 
0.0001, ***P < 0.001, *P < 0.05, ns – not significant.
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This demonstrates the ability of early zebrafish larvae to remodel their shape to a ‘target 

morphology’ despite diverse starting conditions. During 1-3 dpf, larvae are not normally curved, 

yet, once cilia motility initiates, curved larvae resolve anatomical abnormalities to generate the 

wild-type form (Figure 2.11F). This underscores the importance of viewing development as a 

flexible process that can respond to perturbations, rather than some programmed unfolding of 

genetically predetermined events. ‘Goal state’ models in which the organism is viewed as trying 

to achieve an anatomical set point, can be useful for understanding such phenotypes (Levin, 

2021). Zebrafish axial straightening represents a tractable system to delve deeper into the multi-

scale processes which sense the current anatomical state and implement changes that move the 

state towards the target set point. 


Phenotypes seen in daw1b1403 zebrafish mutants model symptoms seen in patients with 

mutations in DAW1.  


The major motile ciliopathy is primary ciliary dyskinesia (PCD) which afflicts 1 in 

10,000 people and is characterized by situs abnormalities, reduced mucus clearance leading to 

airway infections and infertility (Wallmeier et al., 2020). Our collaborators Emma Baple and 

Andrew Crosby identified patients from two families with laterality defects, mild chronic 

respiratory symptoms, but no impaired fertility. These patients, along with individuals with 

congenital heart defects described in Jin et. al. (Jin et al., 2017), were homozygous for mutations 

in DAW1. Two out of five variants observed contained early stop codons (Trp119* and Leu66*), 

while three were single nucleotide polymorphisms (SNPs): Asn143Asp, Trp372Cys, and 

Ser364Thr (Figure 2.14A, Leslie et. al., 2022). To assess the effect of these SNPs, variant mRNA 
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was injected into daw1b1403 zebrafish embryos at the 1-cell stage, after which cardiac looping 

laterality was assessed.


Figure 2.14. In vivo modeling of DAW1 variants using zebrafish mutants. (A) Schematic 
showing DAW1 intron–exon genomic organization, indicating the positions of DAW1 variants as 
well as relative positions of the zebrafish daw1 alleles used in this study. (B) Quantitation of 
cardiac looping phenotypes with representative images in daw1b1403 mutants (n = 54) and sibling 
controls (n = 118). Scale bar: 50 µm. (C) Quantitation of dand5 expression with representative 
images in daw1b1403 mutants (n = 30) and sibling controls (n = 30). Scale bars: 50 µm. (Di) 
Quantitation of the area occupied by motile cilia in KV at the 10-somite stage. Each data point 
represents a distinct embryo. (Dii) Representative temporal image correlation spectroscopy 
images of KV cilia motility where white/gray pixels show regions of periodic motion. Scale bars: 
5 µm. (E) Dot plot showing the percentage of daw1b1403 mutants embryos exhibiting abnormal 
cardiac looping laterality after injections with mRNA encoding either wild-type or variant Daw1. 
*P < .05; ****P < .001; ns, not significant; unpaired t test was applied.
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daw1b1403 mutants exhibit abnormal cardiac looping at 2 dpf (Figure 2.14B), indicative of 

L-R patterning. The majority of control embryos showed dextral looping, but daw1b1403 mutant 

clutches contained embryos showing sinistral and middle looping as well (Figure 2.14B). 

Additionally, daw1b1403 mutants exhibited bilaterally equal dand5 expression around KV (Figure 

2.14C). This structure is equivalent to the mammalian ventral node, and is responsible for 

creating L-R asymmetry (Essner et al., 2005). Accordingly, a majority control embryos exhibit 

asymmetric expression of dand5 around the KV, with higher expression on the right side than the 

left (Figure 2.14C). daw1b1403 mutants instead showed bilaterally equal dand5 expression (Figure 

2.14C). To directly assess cilia motility as the cause of this aberrant dand5 expression, we 

directly imaged cilia in the KV of daw1b1403 mutant embryos and controls, observing that 

motility in daw1b1403 mutants was almost entirely absent (Figure 2.14D).


Injection of mRNA encoding wild-type Daw1 led to robust rescue of L-R patterning in 

daw1b1403 mutants (Figure 14E). By contrast, mRNA containing the Asn143Asp or Ser364Thr 

human variants failed to rescue mutants (Figure 14E). Expression of Trp372Cys resulted in a 

partial but minor rescue (Figure 14E). Cilia in the KV were also imaged to directly assess the 

effect of the human variants on motility. Injection of wild-type daw1 mRNA robustly rescued 

cilia motility in daw1b1403 mutants (Movie 17), but injection of daw1Asn143Asp mRNA and 

daw1Ser364Thr mRNA failed to do so (Movie 18 and 19). daw1Trp372Cys mRNA partially restored 

motility, resulting in slower beating (Movie 20), in agreement with the low level rescue of L-R 

patterning (Figure 14E). Overall, these data showed that all three missense mutations found in 

patients are loss-of-function, with Asn143Asp and Ser364Thr behaving as nulls and Trp372Cys 
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behaving as a hypomorph. This validates that these variants are likely to be causative in the 

symptoms exhibited by the patients.


Our model for Daw1 function, in which embryonic cilia that function rapidly are 

significantly disrupted but cilia at later stages, which function over longer time spans, are not, 

fits with this unusual combination of symptoms seen in DAW1 patients. This is likely because 

ciliated epithelial cells of the respiratory and ovarian tracts comprise, together, hundreds of 

thousands of cilia which are relatively long-lived, with ciliated cells exhibiting gradual turnover. 

A potential short-term delay in motility due to slower ODA import after new cilia form within a 

single region of these ciliated tracts is therefore unlikely to have a substantial impact on overall 

cilia function at the level of the entire organ, and so would not be expected to cause severe 

disease. By contrast, the motile cilia in the embryonic node that are crucial for L-R patterning 

form, function and then regress on the timescale of hours (Little & Norris, 2021), and so rapid 

onset of motility is essential. In agreement, a Daw1 mouse mutant exhibited severe L-R 

patterning defects but relatively minor lung cilia motility abnormalities (Solomon et al., 2017), 

although mucociliary clearance was still defective in these mutants, suggestive of reduced 

quality of cilia beating. 


Discussion


Daw1, also known as ODA16, has long been known to play a key role in the formation of 

motile cilia, bridging the gap between ODA’s and IFT46 (Dai et al., 2018; Hou & Witman, 2017; 

Taschner et al., 2017). It was most closely studied in the ciliated alga Chlamydomonas, in which 

loss caused defective cilia motility (Ahmed et al., 2008). This function was later found to be 
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conserved in zebrafish, in which morphants exhibited phenotypes characteristic of other cilia 

motility mutants such as body axis defects, impaired otolith formation, and aberrant organ 

laterality (Gao et al., 2010). However, how the loss of Daw1 might affect a developing 

multicellular organism in the long term remained an unanswered question. Chlamydomonas is 

unicellular, while the limitations of morphlino technology preclude its use to study late stages of 

development. To fill this gap in knowledge, we used zebrafish to generate a daw1 germline 

mutant to study its requirement and role in cilia motility across life stages. 


daw1b1403 homozygous mutants exhibited scoliosis as adults at a rate of about 20%, far 

below the expected percentage for cilia motility mutants (close to 100%) (Grimes et al., 2016). 

However, early phenotypes were much less ambiguous, with complete randomization of heart 

jogging, indicative of a fully penetrant laterality defect, and 100% of embryos failing to 

straighten the body axis (Figure 2.1). However, unlike any other cilia motility mutant currently 

known, daw1b1403 mutants gradually straightened in a delayed fashion over the following five 

days post fertilization. High speed imaging within the central canal showed that while at 1 dpf, 

very few cilia were motile, by between 2 and 3 dpf levels of cilia motility in homozygous 

mutants were nearly indistinguishable from wild type (Figure 2.5). Generation of mosaic 

crispants, mRNA rescue (Figure 2.8), and generation of an early stop codon allele (daw1b1422, 

Figure 2.10) all indicated that this was not due to a hypomorphic allele in daw1b1403, but rather a 

unique function of Daw1 as a regulator of the timely onset of cilia motility. 


This novel result was able to explain the symptoms seen in patients harboring 

homozygous mutations in DAW1. These patients displayed only a subset of symptoms commonly 

seen in other iterations of PCD, most notably heterotaxy and situs inversus, with much less 
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significant lower respiratory symptoms and no evidence of decreased fertility (Leslie et al., 

2022). These symptoms, indicative of a defect in cilia motility only early in development, are 

consistent with phenotypes documented in our daw1b1403 zebrafish mutants. To firmly determine 

the genetic cause of these patients’ symptoms, we cloned three point mutations found in human 

DAW1, Asn143Asp, Trp372Cys, and Ser364Thr, and performed over-expression experiments in 

the background of known loss-of-function allele daw1b1403. Over-expression of daw1Asn143Asp 

mRNA and daw1Ser364Thr mRNA showed an inability to rescue aberrant heart looping laterality or 

cilia motility in KV, while daw1Trp372Cys mRNA only showed limited rescue ability (Figure 2.14). 

These experiments demonstrated mutations in DAW1 were most likely the cause of these 

patients’ symptoms. 


Testing human variants in an in vivo animal model remains the gold standard in 

establishing the causal factor among candidate variants in human genetic disorders of uncertain 

origin (Yamamoto et al., 2024; Baldridge et al, 2021). Rare genetic diseases of unknown cause 

remain a significant issue in human health (Wang et al., 2022). The difficulty in identifying the 

genetic underpinnings of disorders can lead to difficulties in determining the best course of 

treatment as well as frustration among patients who often live for years without a diagnosis. This 

work on DAW1 is a prime example of the ways in which basic science studies can advance our 

understanding of human genetic disorders, as well as firmly connect said disorders to their 

causative genes.


In a wider context, this study was able to identify DAW1 as a gene that causes a 

ciliopathy specific to early development, unique among other motile ciliopathies that commonly 

have systemic, but occasionally tissue-specific effects (Waters & Beales, 2011). While DAW1 
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had previously been implicated in laterality defects, specifically related to congenital heart 

malformations (Jin et al., 2017), this work has connected this downstream effect to the root 

cause, the unique function of DAW1 as a key regulator in the timing of cilia motility. 


Furthermore, both the natural response of cilia motility in the absence of Daw1 and 

experiments with the temperature-sensitive mutant cfap298tm304 demonstrate the remarkable 

ability of the zebrafish larva to survey body shape and correct abnormalities. This ability implies 

the existence of a straight body axis as a ‘target morphology.’ In wild-type circumstances, the 

body axis straightens within the first day of development, and its broad shape was previously 

assumed to be set at this point. Indeed, in most cilia motility mutants that develop ventral curves, 

that curvature often grows worse over time, with tails sometimes looping around more than 360 

degrees (Brand et al., 1996). However, daw1b1403 mutants and temperature shift experiments with 

cfap298tm304 mutants demonstrated that the shape of the body axis is responsive to signals 

generated by fluid flow up to three days post fertilization, to the extent that most embryos are 

able to fully recover a straight body axis. 


This ability is evolutionarily advantageous for obvious reasons, allowing the organism to 

adjust for environmental or even naturally occurring genetic disturbances. For up to three days 

post fertilization, the shape of the zebrafish body axis remains plastic. Like neuroplasticity, in 

which neural networks are able to reshape themselves in response to trauma or injury (Demarin 

et al., 2014), the body axis retains a sort of morphogenetic plasticity during a key window in 

early development, when failure to form the correct shape would be catastrophic (Brand et al., 

1996).
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Bridge to Chapter III


This chapter describes the role of daw1 in a complex, vertebrate system as a key regulator 

of cilia motility onset, explaining an unusual variety of motile ciliopathay found in patients with 

laterality defects. Additionally, we show that the body axis is responsive to a motile cilia-based 

signal for three days post-fertilization and retains the ability to straighten in a delayed fashion, 

although this process grows progressively less effient over developmental time. However, these 

findings further beg the question of factors downstream of cilia motility in this pathway. In 

Chapter III, we further investigate two of these factors— the Reissner fiber (RF) and urotensin 

peptides. 
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Introduction

Motile cilia-generated cerebrospinal fluid (CSF) flow is essential for maintaining body 

and spine morphology (Grimes et al., 2016). Mutants with defective motile cilia fail to undergo 

axial straightening during embryogenesis and so develope a misshapen early embryonic body 

axis called ‘curly tail down’ (CTD; Brand et al., 1996). If rescued during this early stage, mutants 

go on to develop three-dimensional spinal curves that recapitulate some features of idiopathic 

scoliosis (IS), including adolescent-stage onset in the absence of vertebral patterning defects 

(Grimes et al., 2016; Marie-Hardy et al., 2021; Wang et al., 2022). Precisely how motile cilia and 

CSF flow maintain spine morphology during growth is not understood. Specifically, any potential 

signaling factors stimulated or propagated by motile cilia and CSF flow in the central canal have 

remained largely mysterious. 
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However, it is known that cilia motility is essential during early larval stages for the 

assembly of the Reissner fiber (RF), an extracellular thread-like structure composed 

predominantly of the large glycoprotein SCOspondin (encoded by sspo) which sits in the CSF in 

brain ventricles and the central canal (Cantaut-Belarif et al., 2018; Rodríguez et al., 1998). Cilia 

motility is essential for the formation of RF while the RF itself is requried for axial 

morphogenesis: zebrafish sspo mutants exhibit CTD as embryos while hypomorphic mutants 

which can survive beyond embryonic stages also manifested spinal curves (Cantaut-Belarif et al., 

2018; Lu et al., 2020; Rose et al., 2020; Troutwine et al., 2020). Here, we find further evidence 

for the requirement of SCOspondin and RF by generating and analyzing a new sspo mutant, 

while also combining endogenously labeled SCOspondin (Troutwine et al., 2020) into mutant 

backgrounds to examine the RF live in the context of no cilia motility (cfap298tm304) and delayed 

cilia motility (daw1b1403).

The Urotensin II-related peptides (URPs), Urp1 and Urp2, may also function downstream 

of motile cilia in the central canal. Urp1 and Urp2 are 10-amino acid cyclic peptides previously 

linked to heart disease and mental illness (Sugo et al., 2003; Konno et al., 2013; Nobata et al., 

2011; Parmentier et al., 2011; Quan et al., 2021; Tostivint et al., 2006; Vaudry et al., 2010). In 

zebrafish, Urp1 and Urp2 are expressed in CSF-contacting neurons (CSF-cNs), flow sensory 

neurons in the central canal, and their expression is increased by motile cilia function and the RF 

(Cantaut-Belarif et al., 2020; Lu et al., 2020; Quan et al., 2015; Zhang et al., 2018). Morpholino 

knockdown of Urp1/Urp2 resulted in embryonic CTD phenotypes while addition of Urp1/Urp2 

peptides can rescue the CTD of cilia motility- and RF-deficient mutants (Lu et al., 2020; Zhang 

et al., 2018). This suggested that Urp1 and Urp2 act downstream of cilia motility to promote 

early axial straightening (Grimes, 2019a; Lu et al., 2020; Zhang et al., 2018). 
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Here, we set out to address whether Urp1 and Urp2 function in maintaining body and 

spine morphology during growth and adulthood. By generating zebrafish mutants lacking Urp1 

and Urp2 peptides, we found, in contrast to previous studies, that they are not essential during 

embryogenesis. Nevertheless, Urp1 and Urp2 do play largely redundant roles in adult spine 

morphology. Loss of Urp1 and Urp2 together led to the onset of spinal curves during adolescent 

stages and, by adulthood, resulted in planar curves in the caudal region of the spine that occurred 

without vertebral patterning defects or significant structural malformations. A similar phenotype 

was present upon mutation of the urotensin receptor (UT) gene, uts2r3, suggesting that Urp1 and 

Urp2 signal via Uts2r3 to maintain spine morphology. Overall, this demonstrates that Urp1 and 

Urp2 peptides control the morphology of the zebrafish spine and contrasts previous findings 

using morphants that suggested a more significant role in early embryogenesis (Zhang et al., 

2018). We suggest that urotensin-deficient zebrafish model human spinal deformities and will be 

important tools for deciphering how the spine is maintained and how this process goes wrong in 

disease. 

Results

sspo mutants exhibit curly tail down, and the Reissner fiber fails to assemble in the absence of 

cilia motility

To confirm that the RF is required for axial straightening, I generated a loss-of-function 

mutation in the coding sequence for the protein SCOspondin, called sspob1446, which contains an 

early stop codon in exon 5 (Figure 3.1A,B). sspob1446 mutants failed to straighten, exhibiting 

CTD phenotypes that were indistinguishable from the cilia motility mutant cfap298tm304 (Figure 
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3.1C). This coheres with a model in which motile cilia promote the formation of the RF and that 

the RF then somehow results in axial straightening.

To assess whether motile cilia promote RF formation, we acquired the sspo-GFP line 

from Troutwine et. al. (Troutwine et al., 2020), in which SCOspondin, and therefore the RF, is 

endogenously labeled with GFP. By combining this with our previously described cfap298tm304 

mutant line, we were able to image SCOspondin in the central canal in the absence of cilia 

motility and fluid flow. Compared to control embryos, in which SCOspondin generated a clear 

RF within the central canal, SCOspondin in cfap298tm304 mutants appeared diffuse throughout 

the lumen, failing to form a definitive fiber (Figure 3.1D). 

57



Figure 3.1. sspob1446 mutants display CTD due to their inability to form a Reissner fiber. (A) 
Schematic of zebrafish SCOspondin protein showing domain architecture based on Troutwine et 
al., 2020. VWD – von Willebrand factor type D domain; C8 – C8 domain; TIL – trypsin inhibitor 
like cysteine rich domain; LDLrA – low-density lipoprotein receptor class A domain; TSP1 – 
thrombospondin type 1 domain; FA58C – coagulation factor 5/8 C-terminal domain. In sspob1446 
mutants, a genomic deletion results in a frame shift mutation at Valine 147 resulting in an early 
premature truncation codon. (B) The sspob1446 mutants line harbors a large deletion and a 
downstream small deletion which disrupt exons 4 and 5 causing the early truncation of Sspo. (C) 
sspob1446 mutants develop CTD at 28 hpf, like the cilia motility mutant cfap298tm304. Scale bar: 
1mm (D) Grayscale maximal intensity projection of Sspo-GFP localization in the central canal in 
28 hpf embryos. Scale bar: 10µM


To test whether delayed onset of cilia motility could induce this fiber to form in a delayed 

fashion, we combined sspo-GFP with the previously described daw1b1403 mutant. We then 

imaged both cilia motility and sspo-GFP at five points along the body axis as the fiber was 

formed (Figure 3.2A,D). The FreQ Fourier transformation pipeline (Jeong et al., 2022) was used 

to analyze cilia motility and calculate beat frequency. At 25 hpf, wild type embryos exhibited 

cilia motility at all points imaged along the body axis; the weakest beating being at the most 

caudal region of the CC. Accordingly, a clearly defined RF could be seen at all points except the 

most caudal (Figure 3.2B). As previously described, at 25hpf daw1b1403 mutants showed reduced 

beating at all points along the central canal (Figure 3.2C). In correspondence with this weaker 

motility, daw1b1403 mutants had a less clear, “fuzzier,” RF that often failed to form beyond the 

midpoint of the body axis (Figure 3.2C). This supports the model that early in development, cilia 

motility is weaker in the caudal region as compared to the rostral region, and weaker motility 

corresponds to a failure of the RF to form. Later in development at 43 hpf, cilia motility in wild 

type embryos strengthened in all regions measured, corresponding to a complete RF that 

stretched to the most caudal region (Figure 3.2E). In accordance with the characteristic 

phenotype of daw1b1403 mutants described in Chapter III and Bearce et. al. (Bearce, Irons, Craig, 
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et al., 2022), the delayed onset of cilia motility corresponded to the delayed formation of the RF, 

in a rostral-to-caudal direction (Figure 3.2F). These results cohere with the notion that cilia 

motility is essential for RF formation and that the RF is then essential for axial straightening. 

Importantly, the RF can form in a delayed fashion, explaining the late-onset axial straightening 

we observed upon mutation of daw1.
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Figure 3.2. The Reissner fiber assembles in a delayed fashion in daw1b1403 mutants. (A) 
Central canal imaging was performed in 25 hpf embryos from five regions along the R-C axis 
spaced five somites apart. (B) Cilia beat frequency visualizations from FreQ analysis of DIC live 
imaging (250Hz frame rate, 2.5sec duration) (Jeong et al., 2022). (B’) Live confocal imaging of 
Sspo-gfp and (B’’) histogram quantitation of cilia beat frequencies (Hz) in daw1b1403 siblings at 
25 hpf. (C) FreQ, (C’) Sspo-GFP, and (C’’) quantitation of cilia beat frequency (Hz) in daw1b1403 
mutants at 25 hpf. (D) Central canal imaging was performed in 43 hpf embryos in five regions 
along the R-C axis spaced five somites apart. (E) FreQ TICS (Jeong et al., 2022), (E’) Sspo-GFP, 
and (E’’) quantitation of cilia beat frequency (Hz) in daw1b1403 siblings at 43 hpf. (F) FreQ TICS 
(Jeong et al., 2022), (F’) Sspo-GFP, and (F’’) quantitation of cilia beat frequency (Hz) in 
daw1b1403 mutants at 43 hpf. Scale bar: 10µm


Urp1 and Urp2 peptides are dispensable for embryonic axial straightening

To determine whether Urp1 and Urp2 are required for spine morphology, we used 

CRISPR/Cas9 to generate zebrafish mutant lines. Urp1 and Urp2 are encoded by 5-exon genes 

with the final exon coding for the 10-amino acid peptides that are released by cleavage from the 

pro-domain (Figure 3.3A-D). We used pairs of guide RNAs to induce deletions across the 

genetic region coding for the peptides (Figure 3.3C; Figure 3.4A-B). We refer to the resulting 

mutant lines as urp1∆P and urp2∆P because they lack the peptide coding sequence. In addition, 

mRNA quantitation revealed downregulation of urp1 and urp2 in their respective mutant 

backgrounds, indicating transcript decay (Figure 3.4E). 

We first assessed urp1∆P and urp2∆P mutants for embryonic phenotypes. A previous 

morpholino-based knockdown study concluded that Urp1 and Urp2 are required for axial 

straightening, the process by which the ventrally curved zebrafish embryo straightens as the 

trunk elongates and detaches from the yolk (Figure 3.3E). Urp1/Urp2 morphants failed to 

undergo straightening and therefore displayed CTD (Zhang et al., 2018). Surprisingly, both 

urp1∆P and urp2∆P mutants underwent normal axial straightening and did not exhibit CTD 

(Figure 3.3Gi). By contrast, we observed CTD in both cfap298tm304 mutants that lack cilia 
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motility in the central canal (Bearce, Irons, Craig, et al., 2022) and sspob1446 mutants, as expected 

(Figure 3.3Gi; Figure 3.1). Notably, cfap298tm304 and sspob1446 mutants maintained urp1 and urp2 

expression in CSF-cNs, central canal neurons marked by pkd2l1 expression (Figure 3.3F). 

However, urp1 and urp2 transcripts were quantitatively reduced in cfap298tm304 and sspob1446 

mutants (Figure 3.3H). We reasoned that the absence of CTD in urp1∆P and urp2∆P mutants 

might reflect redundancy, since Urp1 and Urp2 peptides are highly similar, with identical 

hexacyclic regions (Figure 3.3A-B,D). Alternatively, maternally derived urp1 and/or urp2 

transcripts may function to prevent phenotypes from manifesting. However, maternal zygotic 

urp1∆P;urp2∆P double mutants also exhibited linear body axes (Figure 3.3Gi), ruling out 

redundant or maternal gene product function. This demonstrates that Urp1 and Urp2 peptide-null 

mutants undergo axial straightening. 

To confirm this finding, we performed additional Urp1 and Urp2 loss-of-function 

experiments. By injecting four guide RNAs (gRNAs) along with Cas9 into wild-type embryos at 

the one-cell stage, we generated mosaic mutants, called crispants, that were then assessed for 

body shape phenotypes (Figure 3.3I). In positive control experiments, cfap298 and sspo crispants 

exhibited robust CTD, phenocopying germline cfap298tm304 and sspob1446 mutants (Figure 

3.3Gii). Quantitation of body curvature revealed that crispant generation was highly efficient, 

with CTD penetrance being close to 100% (Figure 3.3J). By contrast, urp1 and urp2 single and 

double crispants exhibited straight body axes that were not different to uninjected embryos or 

embryos injected with Cas9 only (Figure 3.3Gii,J). Using T7 endonuclease assays, we confirmed 

that high levels of insertion-deletion mutations were generated at gRNA sites in crispants (Figure 

3.4C-D). We used the AB genetic background for the majority of our work, but we also 

generated and phenotyped urp1;urp2 double crispants on WIK and TU backgrounds to test for 
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potential background effects. Normal axial straightening upon mutation of urp1 and urp2 was 

also observed on these backgrounds (Figure 3.4F). Overall, crispant results confirmed germline 

mutant findings. We conclude that Urp1 and Urp2 peptides are dispensable for axial 

straightening in embryonic zebrafish. 
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Figure 3.3 Urp1 and Urp2 are dispensable for axial straightening. (A) Successive rounds of 
genome duplications (*) and divergence converted an ancient urotensin protein (U) into the 
urotensin II (UII) and urotensin II-related (URP) proteins, some of which have subsequently 
been lost. (B) The UII and URP proteins in zebrafish and human are 8–12 amino acid peptides 
with a fully conserved hexacyclic region of sequence CFWKYC. (C) urp1 and urp2 are 5-exon 
genes (gray boxes). The final exon codes for the 10-amino acid peptides produced after cleavage 
from the prodomain at a dibasic site (KR). Pairs of gRNAs were used to induce deletions of Urp1 
and Urp2 peptide coding sequences, resulting in urp1∆P and urp2∆P mutants, respectively. SP – 
signal peptide. (D) Urp1 and Urp2 peptide sequences with identical hexacyclic regions. (E) 
Zebrafish posterior axial straightening, the morphogenetic process which straightens the 
embryonic body. (F) Fluorescence in situ hybridization based on hybridization chain reaction 
analysis of pkd2l1, urp1, and urp2 expression in the central canal at 28 hpf. pkd2l1 expression 
marks CSF-cNs. urp1 expression is restricted to ventral CSF-cNs while urp2 is expressed in all 
CSF-cNs. Both urp1 and urp2 are expressed in cfap298tm304 and sspob1446 mutants, though 
comparison of expression between samples was non-quantitative. (i) Shows the zebrafish trunk 
with the yolk stalk labeled (*). (ii) Shows zoomed regions taken at the rostro-caudal level at the 
end of the yolk stalk. Scale bars: 150 µm (i), 10 µm (ii). (G) Lateral views of 28–30 hpf germline 
mutants (i) and crispants (ii). The urp1∆P;urp2∆P double mutants are maternal zygotic (MZ) 
mutants. Sibling (sib) and Cas9-only injected embryos served as controls. All embryos were 
incubated at 28°C, which is a restrictive temperature for cfap298tm304. (H) Quantitative reverse 
transcriptase PCR (qRT-PCR) analysis of urp1 and urp2 mRNA expression levels in cfap298tm304 
and sspob1446 mutants at 28 hpf. n>3 biologically independent samples. Bars represent mean ± 
s.e.m. Two-tailed student’s t test used to calculate p-values. (I) Schematic of crispant generation 
and body curve analysis. (J) Quantitation of crispant body curves where bars represent mean ± 
s.d. for at least three independent clutches and injection mixes. The total number of embryos 
analyzed is given. *p<0.0001, student’s t test applied. UI – uninjected.
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Figure 3.4. Generation of urp1∆P and urp2∆P mutants. (A–B) Pairs of guide RNAs (gRNAs) 
were used to delete genomic regions coding for the Urp1 and Urp2 peptides. The urp1b1420 
(urp1∆P) allele encodes a 279 bp deletion and 1 base pair insertion that removes a portion of 
intron 4–5 and the coding part of exon 5 including the entire region coding for the Urp1 peptide. 
The urp2b1421 (urp2∆P) allele encodes a 61 base pair deletion which removes the region coding 
for the Urp2 peptide. Red arrows show the location of gRNA sites (1–4) used to generate 
crispants. Green arrows show the location of PCR primers used to amplify regions around gRNA 
sites. (C–D) T7E1 assays show significant mutagenesis at urp1 (C) and urp2 (D) loci in crispant 
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embryos. Embryos were injected with Cas9 only (−) or Cas9 plus gRNAs 1–4 (+) then, at 1 dpf, 
DNA was extracted and regions amplified using the indicated primer pairs. PCR product from 
crispant embryos showed wider bands, indicating insertion-deletion (indel) mutations, as well as 
deletion bands (white arrow head), indicating large deletions between two gRNA sites. After 
PCR, product was purified and subjected to digestion with T7E1, which cleaves heteroduplex 
DNA. Little or no cleavage was observed in Cas9 only injected embryos, but significant 
digestion was found in Cas9 + gRNA injected embryos (dashed lines), indicating that indels had 
been created. Small amounts of T7E1 digestion products in Cas9 only embryos were likely due 
to the presence of single nucleotide polymorphisms between chromosomes. (E) Quantitative 
reverse transcriptase PCR (qRT-PCR) analysis of urp1 and urp2 mRNA expression levels in 
urp1∆P and urp2∆P single and double mutants at 28 hpf. n>3 biologically independent samples. 
Bars represent mean ± s.e.m. Two-tailed student’s t test was used to calculate p-values. (F) 
Quantitation of crispant body curves where bars represent mean ± s.d. for at least three 
independent clutches and injection mixes. The total number of embryos analyzed is given. 
*p<0.001, student’s t test applied. UI – uninjected. cfap – cfap298.


Urp1 and Urp2 function semi-redundantly to maintain spine morphology

Next, we determined the impact of Urp1 and Urp2 loss on adult spine morphology. 

Outwardly, urp1∆P mutant adults at 3 months post fertilization (mpf) appeared normal whereas 

urp2∆P mutants exhibited minor body dysmorphologies and kinked tails (n=72 for urp1∆P 

mutants and n=92 for urp1∆P mutants, Figure 3.5A). To assess spine morphology directly, we 

imaged bone by X-ray microcomputed tomography (μCT). Three-dimensional reconstitutions of 

μCT data from 3 mpf fish showed that urp1∆P mutants indeed exhibited overtly normal skeletal 

morphology (n=7) while urp2∆P mutants showed slight sagittal curves (n=4; Figure 3.6A). By 

contrast to these absent or mild deformities in single mutants, urp1∆P;urp2∆P double mutants 

exhibited prominent curves, with significant dorsal-ventral Cobb angles, a measure of deviation 

from straightness, especially in the caudal region of the spine (Figure 3.7B,D-F; Figure 3.5A; 

Figure 3.6A). These data indicate that Urp1 and Urp2 are essential for adult spine morphology, 

and that they function in a semi-redundant fashion in this context. 
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To assess the long-term maintenance of spine morphology in Urp1- and Urp2-deficient 

conditions, we aged urp1∆P and urp2∆P single mutants to 12 mpf then performed μCT. At this 

later time point, urp1∆P and urp2∆P mutants exhibited mild kyphosis-like curves, though urp2∆P 

mutants were more severe (Figure 3.6B). These degenerative phenotypes demonstrate that Urp1 

and Urp2 are essential for maintenance of spine morphology throughout adulthood and aging, 

and suggest that Urp2 plays a larger role than Urp1. 

Figure 3.5. Phenotyping spinal curves. (A) Lateral views of adult zebrafish. (B) Cobb angles 
were measured from lateral views of microcomputed tomography reconstitutions. Right angles 
are assigned parallel to the rostral and caudal face of the first and last displaced vertebra, 
respectively, and the external angle is taken at their intersection. The angle was assigned to its 
most displaced apex vertebra (cyan asterisk) in heat map representations. Note that displaced 
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vertebrae do not always demonstrate an easily identifiable wedge in intervertebral space, as is 
typical in human data. In these cases, the first or last vertebrae of the curve is designated as ‘least 
parallel’ to the local orientation of the spine. (C) The position of curve apex is plotted for 
cfap298tm304 mutants and cfap298tm304;urp1∆P;urp2∆P triple mutants (triple) alongside urp1∆P;urp2∆P 
and uts2r3b1436 mutants for comparison. See also Figure 3.7F. (D) Cobb angle measurements for 
individual fish in the sagittal plane for cfap298tm304 and cfap298tm304;urp1∆P;urp2∆P mutants. 
Circles represent angles for individual curves. (E) Total Cobb angles with each circle 
representing an individual fish. The mean ± s.d. is shown. p-Values are given from two-tailed 
unpaired student’s t tests.


Figure 3.6. Spinal curves in urp1∆P, urp2∆P, urp1∆P;urp2∆P, and pkd2l1icm02 mutants 
degenerate with age. (A–B) Lateral views of microcomputed tomography reconstituted 
skeletons at 3 mpf (A) and 12 mpf (B) show curves worsen with age. All fish shown are female. 
Scale bar: 10 mm. 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Figure 3.7. Urp1 and Urp2 are required for proper adult spine morphology. (A–C) Lateral 
views of microcomputed tomography reconstitutions of wild-type (A), urp1∆P;urp2∆P (B) and 
uts2r3b1436 (C) mutants at 3 mpf. (D) Cobb angle measurements for individual fish in the sagittal 
plane for urp1∆P;urp2∆P and uts2r3b1436 mutants. Circles represent angles for individual curves. 
(E-E’) Total Cobb angles with each circle representing an individual fish. The mean ± s.d. is 
shown. (G’) is the data from G parsed for sex. p-Values are given from two-tailed unpaired 
student’s t tests. (F) The position of curve apex is plotted and shows that most curves are in 
caudal vertebrae. n=9 and 8 for urp1∆P;urp2∆P and uts2r3b1436 mutants, respectively.
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Urp1 and Urp2 signal through the Uts2r3 receptor to control spine morphology

Urp1 and Urp2 peptides engage G-protein-coupled receptors (Ames et al., 1999; Chatenet 

et al., 2004; Elshourbagy et al., 2002; Labarrère et al., 2003; Liu et al., 1999; Nothacker et al., 

1999). While a single urotensin II receptor (UT) gene is found in humans and has recently been 

linked to abnormal spinal curvature (Dai et al., 2021), the zebrafish genome encodes five such 

receptors. One of those, Uts2r3, was previously implicated in spine morphology (Zhang et al., 

2018). To systematically compare the effects of Uts2r3 receptor mutation with loss of Urp1 and 

Urp2, we generated a uts2r3 mutant line harboring a 178-amino acid deletion after the third 

amino acid, significantly disrupting the protein (Figure 3.8). Like urp1∆P;urp2∆P double mutants, 

these uts2r3b1436 mutants underwent normal axial straightening as embryos (Figure 3.3Gi) and 

went on to exhibit spinal curves as adults (Figure 3.7C;Figure 3.5A). Cobb angle measurements 

showed that uts2r3b1436 mutants and urp1∆P;urp2∆P mutants were similar, though curves in 

urp1∆P;urp2∆P mutants were slightly more severe (Figure 3.7D-E). Like urp1∆P;urp2∆P mutants, 

uts2r3b1436 mutants showed mostly caudally located curves, especially in the most rostral of the 

caudal vertebrae (Figure 3.7F). Thus, although we cannot rule out minor roles for other UT 

receptors, these data suggest that Urp1 and Urp2 control spine morphology largely by signaling 

through Uts2r3.  

69



Figure 3.8. Generation of uts2r3b1436 mutants. The uts2r3b1436 allele was generated with a 
single-guide RNA which induced a deletion of 534 base pairs, resulting in an in-frame 178 amino 
acid deletion that removes around half the protein including transmembrane regions.

Discussion

Previously, SCOspondin had been shown to act downstream of cilia motility; 

immunofluorescence on fixed samples was used to demonstrate its assembly into the RF as a 

process occuring downstream of cilia motility (Cantaut-Belarif et al., 2018). Here, we were able 
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to visualize this process live in wild-type and genetically perturbed embryos. First, sspo-GFP in 

the cfap298tm304 mutant background shows the failure of the RF to assemble in a system lacking 

cilia motility, and sspo-GFP in the daw1b1403 mutant background shows its formation upon 

delayed cilia motility initiation. These experiments also demonstrate potential physical 

interactions between cilia motility and the RF, as in some cases motile cilia appear to be brushing 

against the RF as it forms. Although SCOspondin is generally thought to be secreted from the 

subcommissural organ (Rodríguez et al., 1998), more recent evidence suggests that earlier in 

development, it is also secreted from the floor plate (Cantaut-Belarif et al., 2018; Troutwine et 

al., 2020). The precise mechanism for the ways in which cilia motility and fluid flow contribute 

to the formation of the fiber remains unclear, but some images in this study suggest that motile 

cilia themselves may release SCOspondin monomers, or physically guide free-floating 

monomers to the developing fiber. 

It is also unknown whether the Reissner fiber must always be anchored at the rostral end 

of the central canal and form in the rostral-to-caudal direction, or if cilia motility were stronger at 

the caudal end it would form in the opposite direction. Mosaic mutants generated through 

CRSIPR or transplants to generate chimeras lacking motile cilia only in the rostral region could 

be used to further investigate this. Those same mutants could also be used to determine the extent 

to which cilia motility in some locations along the axis can make up for a lack of motility in 

others. 

Urp1 and Urp2 peptides were first identified as playing a potential role in axis 

development by Zhang et. al. based on RNA sequencing of the cilia motility mutant zmynd10 

(Zhang et al., 2018). These peptides stood out as potentially responsive to fluid flows as 

urotensin II is a known vasoconstrictor in humans (Ross et al., 2010). Subsequent experiments 
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using morpholinos to test the effects of urotensin peptides on developing zebrafish embryos 

seemed to suggest Urp1 and Urp2 were indeed a strong candidate factors downstream of cilia 

motility involved in straightening the body axis, as a significant proportion of morphants 

developed CTD (Zhang et al., 2018). However, this technique precluded investigations of 

adolescent and adult zebrafish, and left open the possibility of off-target morpholino-associated 

effects (Eisen & Smith, 2008). 

We generated the urp1∆P;urp2∆P double mutants to 1) confirm what the morphants had 

hinted, that Urp1 and Urp2 are needed for axial straightening and, 2) to test for roles beyond 

embryonic stages, something not possible with morpholinos. We used targeted mutagenesis to 

delete the coding sequence for both peptides, which could then be combined to create double 

mutants unable to produce either Urp1 or Urp2. When this technique produced doubly mutant 

embryos that were able to straighten as normal, it raised the question of why genetic mutants and 

morphants exhibited distinct phenotypes. Could genetic compensation be somehow “masking” 

the true phenotype in mutants (Rossi et al., 2015; Sztal & Stainier, 2020; El-Brolosy et. al., 

2019)? In this mechanism, degraded strands of mRNA from mutated genes causes genes with 

similar sequences to be unregulated and perform the function of the mutated gene (El-Brolosy et 

al., 2019). However, RNA sequencing of the urp1∆P;urp2∆P double mutants failed to reveal any 

clear candidate compensatory genes; no other Urotensin peptides were upregulated (Samuel 

Bertrand, personal communication). 

Therefore, we interpret our results as showing that in fact Urp1 and Urp2 are dispensable 

for early axial straightening, and may reveal a pitfall of drawing conclusions based solely on 

morphant data. When using morpholinos, it is recommended to compare morphant phenotypes to 

existing mutants, use at least two different morpholinos per target gene (one of which targets a 
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splice site), rescue with a co-injection of the target mRNA, and the use of a control morpholino 

not targeting the gene of interest (Eisen & Smith, 2008). While Zhang et. al. used multiple 

morpholino sequences to target Urp1 and Urp2, including splice site morpholinos, rescue 

experiments were not performed, nor was a control morpholino of any kind injected. Morpholino 

injection is also known to cause off-target effects in embryos (such as hydrocephalus or delayed 

development) that can confound analysis of true mutant phenotypes (Eisen & Smith, 2008; 

Stainier et al., 2017). The advent of CRISPR-Cas9 and the ability to genetically modify zebrafish 

in highly specific ways has recently allowed for the parsing of these mutant phenotypes from 

background and off-target effects (Stainier et al., 2017). 

The lack of an axial straightening phenotype in our urp1∆P;urp2∆P double mutants 

allowed homozygotes to be raised to adulthood. This revealed the previously unknown role of 

urotensins in long-term maintenance of spinal morphology, findings which were independently 

corroborated by Gaillard et. al (Gaillard et al., 2023). The development of scoliosis in these 

mutants mirrored that of adolescent idiopathic scoliosis in humans (Rolton et al., 2014; Shakil et 

al, 2014) becoming apparent during the adolescent rapid growth phase, without the presence of 

major deformities in the vertebrae (Bearce, Irons, O'Hara-Smith, et al., 2022). These curves are 

distinct from those seen in other cilia motility mutants, which occur in both the lateral and 

dorsal-ventral directions (Grimes et al., 2016). urp1∆P;urp2∆P double mutants develop scoliosis 

only in the dorsal-ventral direction (Bearce, Irons, O'Hara-Smith, et al., 2022). These results 

suggest that urotensin peptides are specifically responsible for maintaining spinal linearity on the 

dorsal-ventral axis, while another mechanism, likely tied to cilia motility and the RF, is 

responsible for maintaining linearity in the lateral direction. 
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The urotensin receptor, uts2r3, is expressed in the dorsal muscle (Zhang et al., 2018), 

indicating this tissue may play a significant role in the development of scoliosis seen in 

urp1∆P;urp2∆P double mutants. While urotensin peptides’ precise path from their secretion by 

CSF-cNs in the central canal to their target receptor in the muscle is still unknown, our research 

supports a muscle-based mechanism as uts2r3b1436 mutants develop scoliosis very similar to that 

of the urp1∆P;urp2∆P double mutants. In patients with adolescent idiopathic scoliosis, Dai et. al. 

found that urotensin receptors UTS2, UTS2R, and UTS2D were expressed at elevated levels in 

muscle tissue biopsied from the convex side of scoliotic spinal curves, when compared to tissue 

biopsied from the concave side. Additionally, some types of scoliosis are the secondary result of 

known muscular abnormalities, such as Duchenne Muscular Dystrophy (Archer et al., 2017; 

Janicki et al., 2007). Both these factors further support a muscle-based mechanism, perhaps one 

in which urotensins and their receptor act to enhance the development or integrity of the 

musculature surrounding the spine, such that in the absence of this mechanism the spine lacks the 

necessary support to remain straight during growth phases and as the individuals grow older.
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Bridge to Chapter IV


This chapter investigates two factors downstream of cilia motility during the axial 

straightening process. First, live imaging of endogenously labeled SCOspondin in the central 

canal showed its failure to assemble in the absence of cilia motility, and its ability to assemble in 

the context of delayed cilia motility onset. Second, we investigated urotensin peptides Urp1 and 

Urp2, expressed in CSF-cNs and previously known to be downregulated in the absence of cilia 

motility. After generating doubly mutant embryos lacking the peptide coding sequence 

(urp1∆P;urp2∆P), we find that these peptides are dispensable for axial straightening, but upon 

raising these larvae to adulthood, Urp1 and Urp2 do play a role in long term spinal maintenance. 

In chapter IV, we investigate whether these peptides play a role in the curly tail up (CTU) 

phenotype, otherwise known as axial over-straightening, as well as other factors that may play a 

role in this phenotype that appears to act counter to CTD.
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CHAPTER IV: PKD2 ACTS INDEPENDENTLY OF MOTILE CILIA AND FLUID 

FLOW TO PREVENT AXIS OVER-STRAIGHTENING


Introduction


In Chapter III, we described urotensins and their role in body axis straightening. Zhang 

et. al. had shown that the responsible genes, urp1 and urp2 were expressed in CSF-cN’s 

(cerebrospinal fluid-contacting neurons) downstream of cilia motility, and proposed that they 

played a role in early body axis straightening (Zhang et al., 2018). This hypothesis was supported 

by morphants that developed the curved body axis, CTD, but contradicted by our urp1∆P;urp2∆P 

double mutants, which exhibited normal axial straightening. Nevertheless, one result from the 

Zhang et al. study has remained compelling: when a high concentration of Urp1 peptide was 

injected into the central canal of zebrafish embryos, the excess peptide caused the body axis to 

curve dorsally (Zhang et al., 2018). This phenotype is reminiscent of one seen in other zebrafish 

mutants and is called curly tail up (CTU). 


CTU occurs in zebrafish lacking the gene pkd2 (Bisgrove et al., 2005; Sun et al., 2004; 

Schottenfeld et al., 2007). It encodes the zebrafish ortholog of the human gene PKD2, one of two 

genes responsible for causing the vast majority of autosomal dominant polycystic disease in 

humans (the other being PKD1) (Bycroft et al., 1999; Boucher & Sandford, 2004; Sharif-Naeini 

et al., 2009; Douguet et al., 2019). PKD2 contains six transmembrane domains and serves as a 

non-selective Ca2+ channel that physically interacts with PKD1, a membrane protein with a large 

extracellular domain (Su et al., 2018). In complex with PKD1 and localized to primary, or 
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sensory, cilia, Pkd2 may act as part of a flow sensor by regulating changes in cytosolic Ca2+ 

(Koulen et al., 2002; Nauli et al., 2003; Nauli & Zhou, 2004; Sharif-Naeini et al., 2009). This 

function is especially well-established in the context of left-right patterning (Yoshiba et al., 2012; 

Grimes, Keynton, et al., 2016; Grimes & Burdine, 2017; Hamada, 2020; Djenoune et al., 2023). 

As such, Pkd2 mutant mice display kidney malformations and laterality-associated cardiac 

defects (Wu et al., 2000). 


The mechanism underlying laterality defects can be traced back to the breaking of left-

right symmetry through fluid flow within the left-right organizer (Grimes, 2019b), as described 

in previous chapters. This pathway is dependent on Ca2+ signaling, with Pkd2 acting in sensory 

cilia to facilitate mechanosensation (Nauli et al., 2003; Nauli & Zhou, 2004; Yoshiba et al., 2012; 

Djenoune et al., 2023). In Kuppfer’s vesicle (KV), the zebrafish left-right organizer, Pkd2 

functions in complex with Pkd1l1, an ortholog of Pkd1 expressed specifically in KV (personal 

communication, Gabriel Luna-Arvizu). Zebrafish lacking Pkd1l1 exhibit left-right patterning 

defects as a result of a failure to activate the Nodal signaling cascade (Field et al., 2011; personal 

communication, Gabriel Luna-Arvizu).As such, zebrafish embryos lacking Pkd2 also develop 

left-right patterning defects (Bisgrove et al., 2005; Schottenfeld et al., 2007).


However, in many ways their most striking phenotype is the one for which these mutants 

were originally named, curly tail up. Seemingly the opposite phenotype to curly tail down, we 

hypothesized this over-straightening phenotype could be based in the same cilia-motility and 

fluid flow-based body axis straightening pathway investigated in previous chapters. Interspersed 

among the ependymal cells that line the central canal are specialized neurons called 

cerebrospinal fluid-contacting neurons (CSF-cNs) (Djenoune et al., 2014). Also known as KA 

77



cells in zebrafish (Dale et al., 1987), these GABAergic neurons extend microvilli into 

cerebrospinal fluid (CSF). These cells express pkd2l1, another calcium ion channel in the 

polycystin family known in this context to be required for the mechanoception of cerebrospinal 

fluid flow. Mutants lacking Pkd2l1 do not develop CTU, but may develop subtle spinal 

curvatures in adulthood (Sternberg et al., 2018; Chapter III). These factors all implicate a sensory 

role for CSF-cNs, but their exact function remains poorly understood (Djenoune et al., 2014; 

Orts-Del’Immagine et al., 2014). 


Given then, Zhang et. al.’s result in which an excess of Urp1 peptide in the central canal 

induces CTU, we propose a model in which pkd2 modulates the expression or secretion of 

Urotensin-like peptides in response to a flow signal induced by cerebrospinal fluid flow in the 

central canal. Loss of pkd2 therefore leads to derepression of Urp1 and Urp2, causing over-

activation of the body axis straightening pathway. 


Results


Zebrafish embryos develop curly tail up in the absence of Pkd2 or Pkd1 and Pkd1b


To examine the effects of loss of Pkd2, we used CRISPR-Cas9 to generate three loss of 

function mutants, referred to as pkd2b1402, pkd2b1419, and pkd2b1437 (Figure 4.1A-D). All contain 

frameshift mutations that produce early stop codons, most likely resulting in mRNA degradation 

or a truncated protein. pkd2b1402 contains a 7 bp mutation in exon 1, pkd2b1419 a 5 bp deletion in 

exon 10, and pkd2b1437 a 2 bp deletion in exon 13 (Figure 4.1B-D). All three mutants exhibited 

the same body axis defect, CTU, seen in morphants (Figure 4.1E). Since pkd2b1402 contained the 

earliest stop codon, it was used for all further experiments. 
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In other contexts, such as in the left-right organizer, Pkd2 acts in complex with Pkd1l1 to 

sense fluid flow signals transmitted by motile cilia and fluid flow (personal communication, 

Gabriel Luna-Arvizu). Accordingly, pkd2 mutants and pkd2 morphants exhibit randomized heart 

jogging, indicative of left-right patterning defects (Schottenfeld et al., 2007; Field et al., 2011; 

Figure 4.2D). However, while pkd2 is expressed broadly throughout the embryo (England et al., 

2017), pkd1l1 is expressed only in the left-right organizer (Gabriel Luna-Arvizu, personal 

communication) and is therefore unlikely to act in a body axis straightening pathway. Supporting 

this, embryos lacking pkd1l1 do not develop CTU (Gabriel Luna-Arvizu, personal 

communication). However, pkd1 and pkd1b, both paralogs of pkd1l1, are expressed in tissues 

along the body axis, including the notochord, which may be relevant for axial straightening 

(Mangos et al., 2010). This led me to hypothesize that Pkd1 and Pkd1b might partner with Pkd2 

in the context of axial straightening. 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Figure 4.1. Zebrafish embryos lacking pkd2 develop curly tail up by 28 hpf. (A) Domain 
architecture of Pkd2 and location of three alleles generated: b1402 near the ciliary targeting 
motif, b1419 in the EF hand, and b1437 in the coiled coil. (B) pkd2b1402 contains a 7 bp deletion, 
resulting in a frameshift after residue 7, leading in an early stop codon after 42 nonsense 
residues. (C) pkd2b1419 contains a 5 bp deletion, resulting in a frameshift mutation after residue 
647 and an early stop codon after 11 nonsense residues. (D) pkd2b1437 contains a 2 bp deletion 
and frameshift mutation after residue 783, resulting in an early stop codon after 42 nonsense 
residues.(E) All mutants lacking pkd2 develop CTU by 28 hpf. Scale bar: 1 mm  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To test this, we generated mutant lines with early stop codons in pkd1 and pkd1b (called 

pkd1b1428 and pkd1bb1442, Figure 4.2A-B), then bred the two lines together to create doubly 

homozygous mutants. pkd1b1428 mutants exhibited craniofacial defects and developed severe 

edemas by 5 dpf, while pkd1bb1442 mutants displayed no apparent gross morphological defects 

(Figure 4.2C), and were homozygous viable and fertile (not shown). Doubly homozygous 

mutants, referred to as pkd1b1428;pkd1bb1442, developed CTU by 28 hpf (Figure 4.2C). Unlike 

pkd1l1 mutants, neither the double nor the single pkd1 mutants exhibited abnormal heart jogging 

(Figure 4.2D), demonstrating their effects as independent of the left-right patterning pathway. 


To compare the development of CTU in pkd2b1402 and pkd1b1428;pkd1bb1442 mutants, we 

live imaged zebrafish embryos during their first 48 hours of development (Movie 21). Embryos 

were injected with ⍺-bungarotoxin mRNA at the one-cell stage, causing complete motor 

paralysis but allowing for normal development (Swinburne et al., 2015). Embryos were mounted 

around 12 hpf, then imaged every 10 minutes for 48 hours in a temperature-controlled room. 

Body angles were quantified every hour starting at 22 hpf, as described previously (Figure 4.2E). 

In pkd2b1402 mutant embryos, this revealed a departure from the normal straightening process at 

28 hpf, at which time the embryo body axis continued to move dorsally even after imaging was 

completed (Figure 4.2E, Movie 21). In pkd1b1428;pkd1bb1442 mutant embryos, quantification 

revealed a departure from the normal straightening process even earlier, around 25hpf, at which 

point straightening appears to accelerate (Figure 4.2E, Movie 21). These results demonstrate that 

pkd1b1428;pkd1bb1442 double mutants closely, though not exactly, phenocopy pkd2b1402 mutants, 

supporting the possibility that Pkd1-Pkd2 and Pkd1b-Pkd2 complexes might be functional units 

involved in axial straightening. 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Figure 4.2. pkd1b1428;pkd1bb1442 mutants develop CTU without left-right patterning defects. 
(A) Domain architecture of Pkd1. The b1428 allele contains two separate deletions ultimately 
resulting in a frameshift after residue 784 and an early stop codon after 40 nonsense residues. (B) 
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Domain architecture of Pkd1b. The b1442 allele contains two separate deletions, the first one 
resulting in an early stop codon after residue 88 and 21 nonsense residues. (C) Development of 
pkd2b1402, pkd1b1428, and pkd1bb1442 single mutants alongside pkd1b1428;pkd1bb1442 double mutants 
over 5 days post fertilization. Only pkd2b1402 and pkd1b1428;pkd1bb1442 double mutants develop 
CTU, although pkd1b1428 single mutants develop severe edemas by 5 dpf. Scale bar: 1 mm (D) 
Heart jogging quantified across multiple clutches of pkd2b1402, pkd1b1428, and pkd1bb1442 single 
mutants alongside pkd1b1428;pkd1bb1442 double mutants. Only pkd2b1402 clutches display 
randomized heart laterality. (E) Average body angle (n=2) of pkd2b1402 mutants and 
pkd1b1428;pkd1bb1442 double mutants over the first 48 hpf, measured every hour. 


Curly tail up occurs independently of Urp1 and Urp2


Previous work showed that Urp1, expressed downstream of cilia motility in the central 

canal, caused CTU when injected at high concentrations directly into the canal (Zhang et al., 

2018). We therefore hypothesized that loss of repression of urp1 and urp2 could be responsible 

for CTU in pkd2 and pkd1;pkd1b mutants. However, bulk RNA sequencing of pkd2 mutants 

revealed expression of urp1 and urp2 were not significantly changed (Sophia Frantz, personal 

communication). Because this does not rule out post-translational upregulation, we also used the 

previously described urp1∆P;urp2∆P double mutants to determine whether genetically removing 

Urp1 and Urp2 would prevent CTU in pkd2 mutants. For this experiment, we injected a high 

concentration of 4 multiplexed guides against pkd2 along with Cas9 enzyme into embryo yolks 

at the single-cell stage. This generated pkd2 crispants, which closely phenocopied mutants, 

producing CTU in close to 100% of cases. Control embryos urp1∆P;urp2∆P double heterozygotes 

injected with pkd2 gRNAs, developed CTU, phenocopying the mutant phenotype. Similarly, 

doubly urp1∆P;urp2∆P homozygous embryos in which pkd2 was targeted also developed CTU, 

demonstrating that CTU can occur in the absence of urotensin peptides (Figure 4.3A). 
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Pkd2 functions downstream of cilia motility or in a parallel pathway


To genetically directly test whether pkd2 acts downstream of cilia motility in body axis 

straightening, we used epistasis tests between mutants lacking genes in the cilia motility/fluid 

flow body axis straightening pathway and pkd2. For rapid analysis of several mutant 

combinations, we used crispants (i.e. embryos injected with guide RNAs and Cas9) (Wu et al., 

2018) after confirming that crispants for pkd2, cfap298, and sspo all phenocopied germline 

mutants (Figure 4.3B). Embryos injected with guides against pkd2 and cfap298, or pkd2 and sspo 

still developed CTU overall, although the more anterior part of the body  curled down slightly 

around the yolk, creating an intermediate phenotype between CTU and CTD (Figure 4.3B). To 

further confirm this result using germline mutants, we also generated mutants doubly 

homozygous for pkd2b1402 and either cfap298tm304 or sspob1446. cfap298tm304 mutants lack cilia 

motility and therefore fluid flow in the central canal (Jaffe et al., 2016) and sspob1446 mutants 

lack the main component of the RF, which forms directly downstream of cilia motility as 

described in Chapters II and III. To evaluate mutant phenotypes, we performed dihybrid crosses 

of adult fish doubly heterozygous for each gene, and then sorted phenotypes among large 

clutches to determine the presence of a 9:3:3:1 ratio; the intermediate phenotype appeared at the 

lowest rate. Based on the presence of the phenotype at this ratio, with 1/16 developing the 

intermediate phenotype seen in the double crispants, it is likely that these embryos were doubly 

homozygous for pkd2b1402 and either cfap298tm304 or sspob1446 (Figure 4.3C-D).


These results taken together showed that CTU can occur in the absence of cilia motility 

or the RF. This coheres with a model in which Pkd2 functions downstream (or in a parallel 

pathway) compared with the cilia-RF pathway. In agreement, we imaged cilia and sspo-GFP in 
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the central canal at 28 hpf and found that cilia motility and the RF were both unaffected in 

pkd2b1402 mutants (Movies 22 and 23). Overall, this suggests that pkd2 is likely to act in a body 

axis straightening pathway independently of cilia motility. 




Figure 4.3. pkd2 mutants develop CTU in the absence of cilia motility and the Reissner 
fiber. (A) urp1∆P;urp2∆P mutants injected with Cas9 enzyme and gRNAs against pkd2 develop 
CTU, suggesting Urotensin-like peptides are not upstream of CTU. (B) Embryos double injected 
with Cas9 and gRNAs against pkd2, cfap298, and sspo, as well as pkd2 with cfap298 or sspo. 
Doubly injected embryos develop an intermediate phenotype: CTU, with a slight downward 
curvature at the anterior portion of the body axis. (C) 4 phenotypes seen in dihybrid crosses 
between fish doubly heterozygous for pkd2b1402 and cfap298tm304 or sspob1446 (scale bar: 1 mm). 
These were counted across two clutches per cross (D), appearing in a 9:3:3:1 ratio. 
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Investigating a notochord-specific role of Pkd2 in axial straightening


Previous work showed that pkd2 morphants had increased collagen deposition around the 

notochord (Mangos et al., 2010; Le Corre et al., 2014). Since we ruled out a role for Pkd2 in the 

cilia-RF-Urp pathway, we next considered that Pkd2 might exert its influence on axial 

straightening through a notochord-dependent pathway. To test the possibility that collagen could 

be a component of the CTU phenotype, we repeated the crispant experiment targeting pkd2 and, 

this time, the notochord-specific collagen col2a1a. While pkd2 crispants developed CTU, 

pkd2;col2a1a double crispants did not develop CTU when assessed at 1 dpf, indicating that CTU 

cannot occur in the absence of this notochord-specific collagen (Figure 4.4A). Instead, col2a1a 

and pkd2;col2a1a crispants exhibited a weak curly tail down phenotype (Figure 4.4A). This 

lends support to our hypothesis that pkd2 prevents axis over-straightening through a cilia-

independent mechanism based in the notochord. 


To test this hypothesis directly, and define the potential role of notochord-specific Pkd2 

in axial straightening, we generated transgenic lines to knock out pkd2 specifically in notochord 

cells. Transgenics expressed Cas9-GFP behind the rcn3 promoter, which is in turn expressed in 

the inner vacuolated and outer sheath cells of the notochord (Ellis et al., 2013) i.e. a pan-

notochord genetic promoter. We also engineered our transgenic construct to express two guide 

RNAs targeting pkd2 under ubiquitous U6 promoters. These two guide RNAs corresponded 

those used in the crispant injections, and so have been previously validated. This transgenic 

construct (Figure 4.4B) was injected along with transposase mRNA into fertilized zebrafish 

embryos at the one-cell stage. At every generation, individuals were screened for expression of 

the transgenic marker in the heart (cmlc:GFP) as well as Cas9-GFP expression in the notochord. 
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After establishing transgenic lines to at least the F2 stage, we assessed for potential phenotypes. 

Individual embryos expressing Cas9-GFP in the notochord did not develop CTU (Figure 4.4C-

D). To check that mutations were made in pkd2 in these transgenic lines, we performed T7 

Endonuclease assays on F2 embryos expressing GFP in the notochord, compared to GFP- 

individuals from the same cross. These assays showed that while no mutations were made at the 

site targeted by guide RNA 1, multiple insertion mutations were made at the second target site, 

which are likely to be deleterious (Figure 4.4E-F). While these results call into question the 

requirement of pkd2 in the notochord for a straight body axis, we cannot rule out that 

mutagenesis was simply insufficient to reveal such a potential role. As such, we consider these 

findings preliminary and, so far, it is challenging to make a final conclusion about whether Pkd2 

functions in the notochord during axial straightening or not.


Figure 4.4. pkd2 is not necessary in the notochord to prevent CTU. (A) Crispants doubly 
injected with gRNAs against pkd2 and col9a2 do not develop CTU at 28 hpf. Scale bar: 1mm (B) 
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Construct injected into embryos at the single-cell stage to mutate pkd2 specifically in the 
notochord by expressing Cas9 behind the rcn3 promoter (Ellis et al., 2013). (C) Cas9-GFP can be 
seen in F2 individuals. Scale bar: 1mm (D) Transgenic embryos do not develop CTU (scale bar: 1 
mm), despite the presence of Cas9-GFP in the notochord (D’, scale bar: 100µM). (E-F) T7E1 
assays show no mutagenesis at the first site targeted, but significant insertions at the second 
(white arrow head). (F) Significant digestion of PCR product was found in GFP-positive 
embryos digested with T7 endonuclease (dashed line).


Assessing the role of the Pkd2 ciliary localization motif in development


The trafficking of Pkd2 to the primary cilium is thought to play a crucial role in its 

function (Walker et al., 2019). In cilia, Pkd2 is proposed to function as a force-responsive cation 

channel. Indeed, one proposed mechanism for ADPKD in humans involves the failure of PKD1 

or PKD2 to properly traffic to the ciliary membrane. Therefore, we hypothesized that the highly 

conserved cilia localization motif (CLM), characterized by the residues RVXP, located near the 

N-terminus of the gene product and previously identified through mutation scanning and 

overexpression in cell lines (Geng et al., 2005; Bae et al., 2006; Knobel et al., 2008), would also 

crucial for the trafficking of zebrafish Pkd2 to cilia. By mutating the CLM, we aimed to test the 

role of ciliary-localized Pkd2 in developmental phenotypes, in contrast to Pkd2's other main site 

of function, the endoplasmic reticulum membrane. 


To test this, we generated two lines with mutations near the CLM, pkd2b1472 and pkd2b1473 

(Figure 4.5A-B). However, in both cases, embryos developed normally (Figure 4.5C), meaning 

these alleles did not significantly impact the CLM, or the localization of Pkd2 to cilia is not 

necessary for the prevention of CTU. For this experiment, we were relying on guide RNAs very 

close to the CLM causing a disruption but, unfortunately, mutations that were isolated disrupted 
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amino acid sequences just downstream of the minimally defined CLM. Future experiments 

should use homologous recombination techniques to generate mutants with precise changes the 

the CLM, in order to test its necessity in developmental events.


Figure 4.5. Mutations in pkd2 near the ciliary targeting motif do not cause CTU. (A) 
Domain architecture of Pkd2 and location of two in-frame alleles in the vicinity of the ciliary 
targeting motif. (B) pkd2 mutant alleles b1472 and b1473 contain small indel mutations that 
result in in-frame deletions just after the ciliary targeting motif. (C) Neither pkd2b1472 nor 
pkd2b1473 develop CTU (Scale bar: 1mm). 


Discussion


Because CTU appears upon initial observation to be the “opposite” phenotype of CTD, it 

is reasonable to hypothesize that it might caused by over-activation of the same pathway, known 

to be dependent on cilia motility, fluid flow, the RF and Urotensin peptides (Grimes, 2019a; 
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Cantaut-Belarif et al., 2018; Zhang et al., 2018; Bearce, Irons, Craig et al., 2022; Bearce, Irons, 

O’Hara-Smith et al., 2022). The involvement of Pkd2 in this pathway was supported by evidence 

that it acts as a flow sensor in other contexts, such as in cell culture, in the left-right organizer in 

complex with Pkd1l1 (Koulen et al., 2002; Nauli et al., 2003; Nauli & Zhou, 2004; Sharif-Naeini 

et al., 2009; Schottenfeld et al., 2007; Gabriel Luna-Arvizu, personal communication), and 

potentially in the kidney in complex with Pkd1. Additionally, urotensin peptides, known to be 

expressed downstream of cilia motility (Zhang et al., 2018; Bearce, Irons, O’Hara-Smith et al., 

2022), cause CTU when injected into the central canal at high concentrations, supporting that 

their overactivation might be a cause of CTU. However, the epistasis tests done here eliminating 

pkd2 in combinations with cilia motility (cfap298), the Reissner fiber (sspo), and urotensin 

peptides (urp1;urp2), all demonstrated that pkd2 is likely to act in a pathway independent of the 

cilia-RF-Urotensin pathway. Mutants lacking pkd2 and components of the axial straightening 

pathway developed intermediate phenotypes; such mixing of phenotypes in an epistasis test is 

usually indicative of the involvement of distinct pathways. This novel result opens up many new 

avenues of investigation with respect to pdk2, particularly in regards to what other tissues could 

be involved in counteracting the cilia motility pathway that straightens the body axis. 


Expression of Pkd2’s proposed binding partners, Pkd1 and Pkd1b, in the notochord and 

surrounding tissues (Mangos et al., 2010) would suggest that the notochord, also the structural 

center of the body axis, as a tissue for Pkd2’s mechanism of action. To test this, we generated a 

transgenic zebrafish line designed to mutate pkd2 in notochord cells specifically (Ablain et al., 

2015). However these embryos did not develop CTU, despite evidence of mutations made at a 

targeted locus. These preliminary results contradict the hypothesis that pkd2 acts in the 
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notochord to prevent the development of CTU, but do not completely rule out the possibility. For 

example, it is possible that the level of Cas9 expression in the F2 individuals evaluated was too 

low to generate enough mutations to produce a phenotype. In addition, sequencing of GFP-

positive cells would be able to definitively show the extent which these mutations may have 

affected the Pkd2 protein. However, it also remains possible that the initial results indicate 

correctly that pkd2 is not essential in the notochord for correct body axis straightening. 


If this is the case, other tissues would be implicated. These include tissues implicated by 

the expression of pkd1 and pkd1b such as the floor plate and neural tube (Mangos et al., 2010). 

Our results here also call into question Pkd2’s requirement in cilia themselves. In-frame deletion 

mutants pkd2b1472 and pkd2b1473 do not develop CTU. Whether Pkd2 also retains its function with 

respect to left-right patterning could be further evaluated in future studies, by analyzing these 

mutants for left-right patterning defects. Although it is possible that the pkd2b1472 and pkd2b1473 

alleles do not sufficiently affect the CLM to cause aberrant trafficking, if Pkd2’s role in body 

axis straightening is indeed independent of cilia entirely, that further opens up the possibility of 

the involvement of other tissues not normally thought to be associated with cilia (motile or 

sensory) or cilia-dependent processes. Pkd2 is most well-known as a calcium channel (Koulen et 

al., 2002; Nauli et al., 2003; Nauli & Zhou, 2004; Sharif-Naeini et al., 2009), and as such has the 

potential to act in numerous signaling pathways (Clapham, 1995; Kass & Orrenius, 1999; Puri, 

2020). 
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CHAPTER V: CONCLUDING REMARKS


The establishment of the zebrafish body axis is a deceptively complex system that can 

inform our understanding of cilia motility and fluid flow signaling pathways, left-right 

patterning, and the development of adolescent idiopathic scoliosis (Grimes, 2019a). In this work, 

I investigated multiple aspects of this process: the role of timing of onset of cilia motility 

(Chapter II), factors potentially downstream of fluid flow signaling (Chapter III), and 

mechanisms that may prevent axis over-straightening (Chapter IV). I first showed that daw1 

regulates timing of cilia motility onset, and that the zebrafish body axis can straighten in a 

delayed fashion for three days post fertilization before the overall shape becomes set. Next, I 

demonstrated that the Reissner fiber is assembled downstream of cilia motility, even when 

motility is delayed, and is assembled in a rostral-caudal direction. However, Urotensin-like 

peptides, while expressed downstream of cilia motility (Zhang et al., 2018), are not required for 

axis straightening. Instead, they play a role in the maintenance of spinal straightness during later 

growth stages. Third, I showed that pkd2 plays a role in preventing axis over-straightening 

through a cilia motility- and fluid flow-independent pathway. 


Zebrafish embryos homozygous for the daw1b1403 mutant allele straighten in a delayed 

fashion. We found that this is most likely a result of delayed onset of cilia motility, and our 

investigation suggests that daw1 is responsible for timely activation of motility (Bearce, Irons, 

Craig, et al., 2022). This means that while daw1b1403 mutants initially develop curly tail down 

(CTD), a severe and oftentimes lethal deformity (Brand et al., 1996), they are able to remodel 

their body axes in response to the delayed cue, hours after the straightening process would 

normally have occurred. This way, most embryos are able to achieve straight body axes by 5 dpf. 

92



Using the temperature sensitive mutant cfap298tm304, we were able to further show that in fact the 

zebrafish body axis is able to remodel itself and recover from CTD as late as three days post 

fertilization with enough time for embryos to become viable and grow into adults (Bearce, Irons, 

Craig, et al., 2022). This demonstrates a remarkable ability of the body axis to both receive and 

respond to a delayed signal, and speaks to flexibility within the timing of this developmental 

pathway as well as ability of the embryo to recover from adverse conditions. These results also 

helped explain the unusual combination of symptoms experienced by patients with DAWI 

mutations (Leslie et al., 2022). Like zebrafish, in humans DAW1 appears most critical for cilia 

motility at very early stages of development, but less critical for cilia motility at later stages. 


Our investigation into daw1 and cilia motility in the central canal prompted us to examine 

factors that could be downstream of this flow-based signaling pathway. By combining daw1b1403 

zebrafish with those expressing Sspo-GFP, in which the SCOspondin protein is endogenously 

labeled with a fluorophore (Troutwine et al., 2020), we were able to show that delayed motility 

in daw1b1403 mutants also results in delayed formation of the Reissner fiber, previously known to 

play a role in axial straightening (Cantaut-Belarif et al., 2018).


To test another factor downstream of cilia motility, we examined the urotensin-like 

peptides Urp1 and Urp2, generating a double mutant lacking coding sequences for both peptides, 

called urp1∆P;urp2∆P. Surprisingly, these mutants were able to straighten normally, contrasting 

previously published morphant data (Zhang et al., 2018). These differential effects seen between 

techniques reveal the pitfalls of drawing conclusions using morpholinos without proper controls 

(Eisen & Smith, 2008; Stainier et al., 2017). However, because urp1∆P;urp2∆P mutants did not 

develop CTD, we were able to examine the role of Urp1 and Urp2 in adult fish, finding that they 
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are in fact required for maintaining spinal straightness. urp1∆P;urp2∆P mutants developed spinal 

curves only in the dorsal-ventral direction, unique to those of the cilia motility mutant 

cfap298tm304 (Grimes et al., 2016; Bearce, Irons, O’Hara-Smith, 2022). This suggests that a cilia 

motility- and Reissner fiber-based mechanism might be responsible for maintaining linearity in 

the lateral direction, while Urotensin-like peptides are responsible for maintaining linearity in the 

dorsal-ventral direction. 


Similarly, the mechanism to prevent axis over-straightening during early development 

may not be cilia motility-dependent. Curly tail up (CTU) was first identified by Brand et. al. in 

1996 (Brand et al., 1996), and later revealed to be caused by loss of the gene pkd2 (Schottenfeld 

et al., 2007), which also plays a role in proper left-right patterning. In humans, PKD2 is one of 

two main genes (the other bing PKD1) known to cause autosomal dominant polycystic kidney 

disease (Bycroft, 1999). The zebrafish genome contains two orthologs of PKD1, pkd1 and pkd1b. 

In morphants, knockdown of these in the same embryo has been shown to cause CTU like that 

seen in pkd2 mutants (Schottenfeld et al., 2007; Mangos et al., 2010). For this study, I generated 

zebrafish embryos lacking pkd1 and pkd1b, which phenocopied the morphant, developing CTU 

by 28 dpf. Because Pkd2 was known to act in complex with Pkd1l1 downstream of flow to effect 

left-right patterning (Field et al., 2011), I hypothesized that Pkd2 could similarly be acting 

downstream of flow in the central canal in complex with Pkd1 and Pkd1b. To test this, I used two 

different methods to generate mutants lacking both pkd2 and either cfap298 or sspo. First, I used 

CRISPR/Cas9 to generate mosaic crispants with guide RNA’s targeting both pkd2 and cfap298 or 

sspo. Then, I used dihybrid crosses of mutant fish doubly heterozygous for pkd2b1402 and 

cfap298tm304 or pkd2b1402 and sspob1446, then examined clutches for a phenotype that appeared in 
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1/16 of embryos. Both types of double mutants still developed CTU, although with a slight curl 

down in the initial part of the body axis. This suggests that pkd2 is in fact acting in a separate, 

cilia-independent pathway to straighten the body axis, although cilia motility may still be 

essential for uncurling the most anterior portion of the body axis from around the yolk. Because 

the notochord is the structural center of the body axis (Bagnat & Gray, 2020), I hypothesized that 

pkd2, pkd1, and pkd1b, may be acting in this tissue to counteract the force generated during body 

axis straightening. To test this, I generated transgenic zebrafish embryos that would express 

Cas9-GFP specifically in the notochord cells as well as two universally expressed guide RNA 

sequences targeting pkd2. Despite evidence of mutations, these embryos did not develop CTU, 

suggesting pkd2 is not required in the notochord to counteract body axis straightening. However, 

these results open up exciting new questions for the field, as pkd2, pkd1, and pkd1b are 

expressed in a wide variety of tissues throughout development (Mangos et al., 2010), and the 

notochord is far from the only tissue at play in the straightening process. Additionally, these 

results highlight the complexity of spinal development and the straightening process, which 

necessarily involves nearly every type of tissue in the body, from connective tissue, to nerves, 

muscle and bone. 
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APPENDIX A: MATERIALS AND METHODS


Zebrafish

Zebrafish (Danio rerio) of the AB, TU, and WIK strains were used. Embryos from natural 

matings were incubated at 28°C unless otherwise stated. Zebrafish mutant lines used are listed in 

Table 1. Experiments were undertaken in accordance with research guidelines of the 

International Association for Assessment and Accreditation of Laboratory Animal Care and 

approved by the University of Oregon Institutional Animal Care and Use Committee. 

Mutant generation

Cas9 mRNA was generated by in vitro RNA synthesis using pCS2-nCas9n (Addgene 

#47929; Jao et al., 2013) as a template. All mutagenesis oligo were designed using CRISPRscan 

(Moreno-Mateos et al., 2015)and obtained from Integrated DNA Technologies (IDT). Full gRNA 

templates were assembled by annealing and extension with bottom strand oligo 1 (Table 2) using 

Taq Polymerase (New England Biolabs, M0273) and cycling parameters of 95°C (3 min), 95°C 

(30 s), 45°C (30 s), 72°C (30 s), 72°C (10 min) with 30 cycles of the central three steps. gRNA 

templates were purified with a DNA Clean & Concentrator Kit (Zymo Research, D4013) then 

subjected to in vitro RNA synthesis using a MEGAshortscript T7 Transcription Kit (Thermo 

Fisher Scientific, AM1354). Synthesized gRNAs were treated with 2 U of TURBO DNase 

(Thermo Fisher Scientific, AM2238) for 15 min at 37°C, purified using an RNA Clean & 

Concentrator Kit (Zymo Research, R1013) then aliquoted and stored at −80°C. For mutagenesis, 

150 pg of gRNA and 100 pg of Cas9 mRNA were injected into the yolk at the one-cell stage. 

Injected embryos were screened for indels at the target site by PCR. Injected embryos were 
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raised and outcrossed to establish F1 families from which individuals were outcrossed to generate 

F2 families with defined mutations determined by Sanger sequencing (GeneWiz)

For daw1b1403, the gRNA oligo targeted exon 5 of daw1 (Table 2), and injectees were 

screened using daw1b1403 sequencing primer 1 and daw1b1403 sequencing primer 2 (Table 2) 

followed by restriction digestion with HpyAV (New England Biolabs, R0621). The mutation 

isolated in daw1b1403 consists of a six base pair deletion. Mutants were routinely genotyped by 

identification of curly tail down (CTD) at 1 dpf and by Sanger sequencing (GeneWiz). urp1b1420 

and urp2b1421 mutants were injected with mutagenesis oligos targeting either side of the cyclic 

peptide coding sequences and screened for large deletions. The urp1b1420 allele consists of a 279 

bp deletion and 1 bp insertion that were genotyped by PCR amplification with urp1 sequencing 

primers (Table 2), which generate a 460 bp band from wild-type DNA and a 184 bp band from 

mutant DNA. urp2b1421 mutants harbor a 61 bp deletion and were genotyped by PCR 

amplification with urp2 sequencing primers primers (Table 2) followed by gel electrophoresis to 

distinguish the 283 bp wild-type band and the 226 bp mutant band. uts2r3b1436 mutants contain a 

534 bp deletion and were also genotyped by PCR, using uts2r3 sequencing primers (Table 2), in 

which wild-type sequence led to an 832 bp band and mutant sequence a 298 bp band. The 

pkd2b1402 allele consists of a 7 bp deletion resulting in an early stop codon. Mutants were 

genotyped by PCR amplification using primers in Table 2 followed by restriction digestion with 

HaeII (New England Biolabs, R0107). Protection by the mutant sequence resulted in a 228 bp 

band, while wild type DNA could be visualized by a band around 120 bp. This assay was also 

used to genotype the in-frame insertion alleles pkd2b1472 and pkd2b1473, which were generated 

using the same guide RNA used to generate pkd2b1402.
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Two additional pkd2 alleles containing early stop codons were generated, although not 

widely used for experiments. These were pkd2b1419 and pkd2b1437. These contain, respectively, 5 

bp and 2 bp deletions respectively. They were genotyped using primers found in Table 2 and 

digestion with NcoI (pkd2b1419, NEB R0193) and AvaII (pkd2b1437, NEB R0153). Protected 

(mutant) bands were 237 bp and 399 bp respectively, with NcoI digestion producing wild type 

bands of sizes 105 bp and 167 bp, and AvaII digestion generating two bands of around 200 bp. 

The pkd1b1428 allele was generated using two mutagenesis oligos listed in Table 2, 

creating 6 bp and 16 bp deletions respectively. Mutants were regularly screened by amplifying 

the site targeted by mutagenesis oligo 1, followed by restriction digestion with BseRI (NEB 

R0581). The protected mutant band was 484 bp, while the wild type amplicon was digested into 

two bands of 184 bp and 300 bp. The pkd1bb1442 allele was also generated using two mutagenesis 

oligos (Table 2), creating 7 bp and 11 bp deletions respectively. Mutants were regularly screened 

by amplifying the site targeted by mutagenesis oligo 2, followed by digestion with BstNI (NEB 

R0168). This assay resulted in wild type digested bands each around 200 bp, and a protected 

mutant band of 409 bp.

The nature of the sspob1446 mutation was determined by whole genome sequencing. DNA 

was extracted from mutant embryos using a phenol/chloroform procedure. Libraries were 

prepared using the FS DNA Library Prep Kit for Illumina sequencing (NEB, E7805). DNA was 

digested into 150 bp fragments, and paired-end sequencing was performed using a NovaSeq 

6000 Sequencing System. Trimmomatic (version 0.36; ILLUMNIACLIP: TruSeq3-

PE-2.fa:2:30:10:1:true LEADING:3 TRAILING:3 SLIDINGWINDOW:5:20 MINLEN:42 

AVGQUAL:30) was used to remove Illumina adaptor sequences from paired-end reads. Illumina 

short-read sequences were then aligned to the GRCz11 reference sequence of chromosome 24 
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using BWA-MEM (version 0.7.01). SAMtools (version 1.8) was used to sort and index reads. 

Aligned reads in BAM format were analyzed in IGV (version 2.13.1) (Robinson et al., 2011). 

Mutants were routinely genotyped by PCR amplification with sspo sequencing primers (Table 2), 

followed by BsaI-HFv2 (NEB, R2733) restriction digestion to produce 300 bp and 99 bp bands 

from wild-type DNA and a protected 399 bp band from mutant DNA. 

daw1b1422 mutants were isolated from clutches injected with four gRNAs (as in the 

‘CRISPR/Cas9 mosaic mutagenesis’ section). Mutants were analyzed after outcrossing to at least 

the F3 generation. All four CRISPR sites were sequenced to identify mutations. The mutation 

occurred between gRNAs 2 and 3, with the 1 and 4 gRNAs not inducing mutations in this line. 

daw1b1422 mutants were genotyped by PCR using daw1b1422 sequencing primers 1 and 2 listed in 

Table 2, leading to a 735 bp band in wild type and an ∼400 bp band in mutants.

The double mutant lines urp1b1420;urp2b1421, pkd1b1428;pkd1bb1442, pkd2b1402;sspob1446, 

pkd2b1402;cfap298tm304, pkd2b1402;sspo-GFP, and daw1b1403;sspo-GFP were generated by crossing 

together F2 individuals either heterozygous (pkd1b1428, pkd2b1402, sspob1446, cfap298tm304) or 

homozygous (urp1b1420, urp2b1421, pkd1bb1442) for the desired single mutation. urp1b1420;urp2b1421 

and daw1b1403;sspo-GFP were maintained as doubly homozygous adults, pkd1b1428;pkd1bb1442 

and pkd2b1402;sspo-GFP adults were maintained as het/homs, and pkd2b1402;sspob1446, 

pkd2b1402;cfap298tm304 were maintained as doubly heterozygous adults. The triple mutant 

urp1b1420;urp2b1421;pkd2 was generated using mosaic mutagenesis of pkd2 as described below 

performed in a urp1b1420;urp2b1421 mutant background.
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CRISPR/Cas9 mosaic mutagenesis 

The four gRNA oligos used for daw1, cfap298, sspo, urp1, urp2, and pkd2 which 

contained gRNA target sites and adapter sequences, were chosen from a look-up table (Wu et al., 

2018), and listed here in Table 3. gRNAs were synthesized from oligos in multiplex. First, oligos 

were pooled (10 μM) then annealed and extended with 10μM of bottom strand oligo 2 (Table 3) 

using Phusion HF PCR Mastermix (New England Biolabs, M0531) and Phusion High-Fidelity 

DNA Polymerase (New England Biolabs, M0530) in a 50 μl reaction using cycling parameters of 

98°C (2min), 50°C (10min), 72°C (10min). Assembled oligos were purified using a DNA Clean 

& Concentrator kit (Zymo Research, D4013) then subjected to in vitro RNA synthesis using a 

HiScribe T7 High Yield RNA Synthesis kit (New England Biolabs, E2040). Synthesized RNA 

solution was treated with 2 U of TURBO DNase (Thermo Fisher Scientific, AM2238) for 15 min 

at 37°C then purified using an RNA Clean & Concentrator kit (Zymo Research, R1013). 

Synthesized gRNAs were aliquoted and stored at −80°C. For mutagenesis, 1000 pg of gRNA 

mix alongside 1600 pg/nl Cas9 (Integrated DNA Technologies, 1081058) were injected into the 

yolk of embryos at the one-cell stage of development. To assess rates of mutagenesis in urp1 and 

urp2 injectees, DNA was extracted from 1 dpf crispants and subjected to T7 endonuclease I 

assays (NEB, E3321) on amplicons amplified by primers listed in Table 4. 

Larval body curve quantitation 

Lateral views of zebrafish larvae were captured using a Leica S9i stereomicroscope with 

an integrated 10-megapixel camera. Body angles, θ, were measured in ImageJ (Schindelin et al., 

2012) after double-blinding. For statistical analysis of changes in θ over time, we used the 
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repeated measures two-way analysis of variance (ANOVA) adjusted for multiple comparisons by 

the two-stage linear step-up procedure of Benhamini, Krieger and Yekutieli. 

Calcein staining 

Larvae were transferred to water containing 0.2% calcein (Sigma-Aldrich, C0875) for 10 

min then briefly rinsed in water 2-3 times for 5 min each. Larvae were then immobilized with 

0.005% tricaine, mounted in 0.8% low melt agarose with tricaine dropped on the surface and 

imaged with a Leica Thunder stereoscope. 

Immunofluorescence 

Embryos and larvae were euthanized and fixed in 4% paraformaldehyde at 4°C for at 

least 16 h. If necessary, embryos were manually dechorionated before fixation. Samples were 

rinsed three times in 100% methanol and then placed in 100% methanol for 2 h before being 

rehydrated with 5 min rinses in 75% methanol in PBST (1× PBS with 0.1% Tween-20), 50% 

methanol in PBST, 25% methanol in PBST and PBST. After three more 5 min washes in PBST, 

samples were blocked in 5% normal sheep serum (NSS) and 1% DMSO in PBST for 2 h at room 

temperature. Samples were then incubated in primary antibodies anti-γ-tubulin (rabbit 

polyclonal, 1:600, Sigma- Aldrich, T5192) and anti-acetylated α-tubulin (mouse monoclonal, 

1:500, Sigma-Aldrich, T6793) in 1% NSS and 1% DMSO in PBST at 4°C for 16 h, then washed 

five times for 30 min per wash in 1% NSS, 1% DMSO and 0.1 M NaCl in PBST. Samples were 

incubated in secondary antibodies goat anti-rabbit conjugated with Alexa Fluor 546 (1:500, 

Thermo Fisher Scientific, A-11035) and goat anti-mouse conjugated with Alexa Fluor 488 

(1:500, Thermo Fisher Scientific, A-11001) and Hoechst (1:1000, Sigma-Aldrich, 94403) at 4°C 
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for 16 h in the dark. Samples were washed five times for 30 min per wash in 1% NSS, 1% 

DMSO and 0.1 M NaCl in PBST, then dissected to remove head and yolk. Trimmed samples 

were slide-mounted in a lateral orientation in Aqua-mount mounting medium (Polysciences, 

18606) under #1.5 coverslips. Laser scanning confocal imaging was performed on a Zeiss 880 

inverted microscope with a 63×, 1.4 NA oil-immersion objective and PMT and GaAsP-PMT 

detectors. Pinholes were set to 1 airy unit with gain between 200-300 (GaAsP-PMT) and 550- 

700 (PMT); x/y pixel size was 0.0851964 μm. Images were processed and quantified using 

ImageJ. Cilia lengths were manually traced using the Freehand Line tool (n=50 per image).

Live imaging of cilia 

For central canal and pronephros imaging, 25-52 hpf embryos were manually 

dechorionated and anesthetized with tricaine. Embryos were laterally mounted in #1.5 coverslip-

bottomed Mattek chambers by embedding in tricaine-laced, low-melt 0.5% agarose made in 

embryo medium. A Nikon Ti2 inverted microscope equipped with a Plan Apo VC 60× WI DIC 

1.2 NA objective and pco.edge sCMOS camera was used to capture 512×512 DIC images in time 

series, at 250 frames per second for 4 s (1000 frames total). Pixel size was 0.11 μm. Images were 

processed and quantified using ImageJ. Timecourse data was rotated and cropped to isolate the 

CC. A moving average of 55 frames was subtracted from each frame (Stowers Institute ImageJ 

Plugins>jay_unruh>Detrend>Subtract Moving Average), and a Gaussian blur of 0.8 was applied 

to all frames. For manual analysis, line profiles were drawn through motile cilia, and 

kymographs were generated using KymographBuilder. For Fourier Transform-based analysis, 

image stacks were converted to 16-bit and processed with a Temporal Image Correlation 

Spectroscopy (TICS) package (Stowers>jay_unruh>ICS>stack fft TICS jru v1, analysis 
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length=512) or FreQ package (Jeong et al., 2022). The first frame of each TICS series was 

deleted to account for sCMOS camera noise, and frequencies were measured from regions that 

overlapped cilia using the multi-measure z-axis profile tool (BAR>Analysis>Time Series>Multi 

ROI Profiler). 

Sperm extraction and imaging 

Sperm were extracted from wild-type or homozygous mutant daw1b1403 males, as 

described previously (Yamaguchi et al., 2018). Sperm were stored in 1/5 Hank’s buffer at 4°C. A 

drop was applied to a 35 mm imaging chamber with #1.5 untreated coverslips, uncoated to 

encourage sperm head adherence. A perfusion chamber was created with a second coverslip and 

vacuum grease, and embryo medium was flushed through to activate sperm motility. Imaging 

was performed at 1 ms intervals for 750 ms, using a Nikon Ti2 inverted microscope as above. 

Constructs and mRNA overexpression 

Daw1 cDNA was cloned from a cDNA library generated from RNA collected at 1 dpf 

using a Direct-Zol RNA kit (Zymo, R2051). mCherry-Daw1 was shuttled into pCS-DEST. Site 

directed mutagenesis of mCherry-Daw1 constructs was performed with a Q5 Site-Directed 

Mutagenesis kit (New England Biolabs, E0554S), using primers listed in Table 4. mCherry-

Daw1 mRNA was synthesized from plasmid DNA after restriction enzyme digestion with SacII 

(New England Biolabs, R0175). Linearized plasmids were purified using a DNA Clean & 

Concentrator kit (Zymo Research, D4013) then used as a template for in vitro mRNA synthesis 

using an mMessage mMachine SP6 Transcription kit (Thermo Fisher Scientific, AM1340). 

103



mRNA was purified using lithium chloride and stored at −80°C. For overexpression, 20 pg of 

mRNA was injected into the blastocyst at the one-cell stage of development. 

Quantitative reverse transcriptase PCR (qRT-PCR)

RNA was extracted using a Zymo Direct-Zol RNA Miniprep kit (Zymo Research, 

R2051). cDNA was prepared from 25 ng of RNA using oligoDT primers in a 20 μl reaction using 

a High Capacity cDNA Reverse Transcription Kit (ThermoFisher, 4368814). qRT-PCR reactions 

were performed in real time using 5 μl PowerUp SYBR Green Master Mix (ThermoFisher, 

A25741), 0.8 μl of 10 μM forward and reverse primers (Table 4), 1.4 μl of nuclease-free water, 

and 2 μl of diluted cDNA. PCR was performed using a QuantStudio Real Time PCR System 

(Applied Biosystems) with cycling parameters: 50°C (2 min), 95°C (10 min) then 40 cycles of 

95°C (15 s), and 60°C (1 min). Each reaction was performed in quadruplicate. Quantitation was 

relative to rpl13 and used the ∆∆CT relative quantitation method in which fold changes are 

calculated as 2−∆∆CT. The efficiency of amplification was verified to be close to 100% with a 

standard curve of RNA dilutions. 

Multiplex fluorescent in situ hybridization chain reaction (in situ HCR) 

Embryos were fixed in 4% paraformaldehyde at 4°C overnight, washed with phosphate 

buffered saline (PBS) then serially dehydrated to 100% methanol, and stored at –20°C. Embryos 

were rehy- drated, washed with PBS containing 0.1% Tween-20, incubated in hybridization 

buffer (Molecular Instruments), then incubated in 2 pmol of probes at 37°C overnight in a total 

volume of 500 μl of hybridization buffer. Embryos were washed in wash buffer (Molecular 

Instruments), washed twice in 5× SSCT (sodium chloride sodium citrate with 0.1% tween-20), 
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and then incubated in amplification buffer (Molecular Instruments) for 1 hr. RNA hairpins 

designed to bind either pkd2l1, urp1, or urp2 were prepared by heating 10 pmol of each to 95°C 

for 90 s then snap-cooled in the dark for 30 min. Embryos were then incubated overnight in 500 

μl of amplification buffer containing 30 pmol hairpins at room temperature in the dark. Embryos 

were washed five times in 5× SSCT, stored at 4oC, and then mounted for confocal microscopy. 

Images were acquired using a Zeiss LSM880 using either a ×20 air or ×40 water objective. 

Acquisition settings were derived using wild type embryos and then applied to all embryos. 

Images were exported to IMARIS 9.5.0 (Oxford Instruments). A Gaussian filter of width 0.42 μm 

(×20) or 0.21 μm (×40), and a rolling ball background subtraction of 10 μm was applied. 

X-ray microcomputed tomography 

Scans were performed using a vivaCT 80 (Scanco Medical) at 18.5-μm voxel resolution 

(for 3 mpf and 12 mpf fish) or 10-μm voxel resolution (1 mpf fish). Single volume surface 

reconstitutions and DICOM files of individual fish were generated using Scanco software, 

imported into ImageJ and resliced (Images>Stacks>Reslice[/]) into lateral and dorsal views. 

Maximum intensity projections were generated for quantitation of spinal curves. Alternatively, 

digital dissections of the spinal column were performed in 3D Slicer (Kikinis et al., 2014) using 

the Segmentation Editor. A threshold of 3200 was used to mask 1 mm tube (Draw Tube function) 

around the spine in the axial slice view, beginning between the otic vesicles rostral to the first 

vertebrae and ending at the split of the tail. The center of the tube was set at the narrowest 

‘hollow”’ within the lumen of centra. 

105



Quantitation of lateral spine curvature 

Quantitation of lateral spine curvature was performed in ImageJ (Schindelin et al., 2012) 

by orienting isolated spine images in a dorsal view with heads to the left and with the otic 

vesicles and first Weberian vertebrae parallel to the x-axis. Landmarks were assigned to the 

narrowest point of each centrum rostral to caudal; where maximum projection resulted in hidden 

or overlapping vertebrae, the appropriate number of points was added in closest approximation. 

The y-value from each landmark was subtracted from the point rostral to it, resulting in a map of 

local deflections where positive values indicate rightward displacement, and negative values 

indicate leftward displacement. 

Live imaging of SCOspondin-GFP 

Embryos (28 hpf) were anesthetized in tricaine until touch response was abol- ished and 

then embedded in 0.8% low-melt agarose laced with tricaine in inverted imaging chambers (14 

mm #1.5 coverslips, VWR cat no. 10810–054). In larvae, care was taken to align the posterior 

body close to the coverslip to the RF within the working distance of the objective. A Nikon Ti2 

inverted microscope equipped with Plan Apo ×40 and ×60 WI DIC (1.2 NA) objectives, a 

Yokogawa Spinning Disk and pco.edge sCMOS camera were used to capture 512×256 images in 

time series. Exposure time varied with age (100 ms–300 ms) as Sspo-GFP brightened in intensity 

over time; exposure, camera settings, and laser power were kept constant between age-matched 

individuals. Images were cropped, rotated, and intensity-adjusted in ImageJ (Schindelin et al., 

2012). 
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Overnight Timecourse Imaging

As in mRNA overexpression experiments, ⍺-bungarotoxin mRNA (Swinburne et al., 

2015) was synthesized from plasmid DNA after restriction enzyme digestion with EcoRV-HF 

(NEB, R3195), then linearized and purified the same way. It was then used as a template for in 

vitro mRNA synthesis using an mMessage mMachine T7 Transcription kit (Thermo Fisher 

Scientific, AM1344). mRNA was purified using lithium chloride and stored at −80°C. For 

overexpression, 20 pg of mRNA was injected into the blastocyst at the one-cell stage of 

development. Embryos were then mounted in a mold obtained from Swinburne et. al. and 

imaged using a Leica S9i stereomicroscope with an integrated 10-megapixel camera for ≥36 

hours at a rate of 6 frames per hour with an exposure time of 10ms. Body angles were quantified 

as described above every hour starting at approximately 22 hpf. 

Generation and Imaging of Transgenic Lines

The plasmid for tissue-specific CRISPR knockout were modified from pDestTol2CG2-

U6:gRNA (Addgene: 63156) (Ablain et al., 2015). First, the vector was digested with BseRI 

(NEB R0581) and purified using a DNA Clean & Concentrator kit (Zymo Research, D4013). 

Then, Gibson Assembly (NEB, E5510) was used to add two gRNA fragments (pkd2 G0 oligo 1 

and pkd2 G0 oligo 2 in Table 3) framed by zebrafish U6 promoters and scaffolding sequences 

(synthesized by Twist Biosciences and amplified using primers in Table 4) to the vector 

(Adamson et al., 2016). Then, the vector was modified using Gateway Assembly (Petersen & 

Stowers, 2011). LR Clonase II (ThermoFisher, 11791100) to transpose Cas9-GFP cDNA 

(Addgene: 63155) behind rcn3 (Ellis et al., 2013), followed by a poly-A tail (Addgene: 188702). 

All plasmids were mini-prepped using a GeneJet plasmid mini-prep kit (ThermoFisher, K0502), 
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then verified using nanopore sequencing (Plasmidsaurus). For transgenesis, 25 pg were injected 

into the cell of wild type zebrafish embryos, then screened at 1 and 5 dpf for cmlc:GFP. F0 adults 

were screened for GFP expression in the heart by outcrossing to wild type animals, and 

individuals expressing GFP in the heart and notochord were raised to create the F1 generation. 

Experiments were performed on F2 individuals resulting from outcrossed F1’s. Transgenic lines 

were imaged using a Leica Thunder stereoscope, Leica S9i stereomicroscope, and Zeiss 

AxioImager upright wide field microscope. To assess rates of mutagenesis in individuals 

expressing Cas9-GFP in the notochord, DNA was extracted from 1 dpf F2 embryos positive and 

negative for GFP in the notochord and subjected to T7 endonuclease I assays (NEB, E3321) on 

amplicons amplified by primers listed in Table 4.
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APPENDIX B: TABLES


Table 1: Mutant Fish Lines


Line Designation Citation

cfap298tm304 Jaffe et al., 2016

daw1b1403 Bearce, Irons, Craig et al., 2022

daw1b1422 Bearce, Irons, Craig et al., 2022

pkd1b1428 this study

pkd1bb1442 this study

pkd2b1402 this study

pkd2b1419 this study

pkd2b1437 this study

pkd2b1472 this study

pkd2b1473 this study

pkd2l1icm02 Sternberg et al., 2018

sspo-GFPut24 Troutwine et al., 2020

sspob1446 Bearce, Irons, O’Hara-Smith et al., 2022

urp1b1420 Bearce, Irons, O’Hara-Smith et al., 2022

urp2b1421 Bearce, Irons, O’Hara-Smith et al., 2022

uts2r3b1436 Bearce, Irons, O’Hara-Smith et al., 2022

TG(rcn3:Cas9-GFP; U6: pkd2 T1, T2) this study
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Table 2: Oligonucleotides for Mutagenesis


Name Sequence (all 5’-3’)

bottom strand oligo 1 AAAAGCACCGACTCGGTGCCACTTTTTCAAGTT
GATAACGGACTAGCCTTATTTTAACTTGCTATTT
CTAGCTCTAAAAC

daw1b1403 mutagenesis oligo taatacgactcactataGGAAGGGTTGTTGAAGGCGAgtttt
agagctagaa

daw1b1403 sequencing primer 1 CCTTCACTTTCCGTCTGTTTGCAG

daw1b1403 sequencing primer 2 GGGACAAGTGCTCCTGTTATGACTC

daw1b1422 sequencing primer 1 CTCCCCTTCACTTTCCGTCT

daw1b1422 sequencing primer 2 GGTGTCCATGCTGCCTGTA

pkd1b1428 sequencing primer 1 TTCAGGACCTGCTGGTATCC

pkd1b1428 sequencing primer 2 TCTCAACTTTGTTGCGTTGC

pkd1b1428 mutagenesis oligo 1 taatacgactcactataGGGGAGGGGGTCTGGGAGGAgttt
tagagctagaa

pkd1b1428 mutagenesis oligo 2 taatacgactcactataGGGACTAGATCAGGCCCCGGgtttt
agagctagaa

pkd1bb1442 sequencing primer 1 TAACAGCTCTGACGGACGTG

pkd1bb1442 sequencing primer 2 ACTAATCCGAGTGCGTTGGA

pkd1bb1442 mutagenesis oligo 1 taatacgactcactataGGGCTGCATGGACTGGTGACgtttta
gagctagaa

pkd1bb1442 mutagenesis oligo 2 taatacgactcactataGGGTTTGGATTCAAGGCCAGgtttta
gagctagaa

pkd2b1402,b1472,b1473 sequencing 
primer 1

CGCATTTTCGCATTAAGACA

pkd2b1402,b1472,b1473 sequencing 
primer 2

GGAGAGGAGGGGGTCTCAT

pkd2b1402,b1472,b1473 mutagenesis 
oligo

taatacgactcactataGGCAAGCGCCGCAGAGCCCGGC
gttttagagctagaa 

pkd2b1419 sequencing primer 1 TGGCCATCATCAATGACACT 

pkd2b1419 sequencing primer 2 GGGTTAAATCAGTTTCATCCAA

Name
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pkd2b1419 mutagenesis oligo taatacgactcactataGGAGAGCTATAATAGAGCCAgtttta
gagctagaa

pkd2b1437 sequencing primer 1 GCCAAGACGACTCAGAGGAG

pkd2b1437 sequencing primer 2 AAAGTAGCGATGCGGCTTTA

pkd2b1437 mutagenesis oligo taatacgactcactataGGTGCGCCGGGTGGACCGAAgtttt
agagctagaa

sspob1446 mutagenesis oligo 1 taatacgactcactataGGTCCCCAGTGGTCCGCG 
GTgttttagagctagaa 

sspob144 mutagenesis oligo 2 taatacgactcactataGGCAC AGTGTGTGAGACCAG 
gttttagagctagaa 

sspob1446 sequencing primer 1 CGCAAACACTTCCACTTCCA 

sspob1446 sequencing primer 2 TTGAAGCCAGATGTAAAGGATGAGTGT 

urp1b1420 mutagenesis oligo 1 taatacgactcactataGGCGTTGGTCAGCCTGACATgtttta
gagctagaa

urp1b1420 mutagenesis oligo 2 taatacgactcactataGGGTCCTCTGTCCATCTCCG 
gttttagagctagaa 

urp1b1420 sequencing primer 1 GCACCCAAAATCCAACGACT 

urp1b1420 sequencing primer 2 TGTATGGGGAAAACAAAGGCA 

urp2b1421 mutagenesis oligo 1 taatacgactcactataGGCAGATGGAGAAAGATTGAgtttt
agagctagaa 

urp2b1421 mutagenesis oligo 2 taatacgactcactataGGCGTTTGCAGAAATCAGCGgtttta
gagctagaa 

urp2b1421 sequencing primer 1 TTGGGGTTGTAACAGGTAGTG 

urp2b1421 sequencing primer 2 AACAAGGAAGACGCTGCAAG 

uts2r3b1436 mutagenesis oligo taatacgactcactataGGGTGAAGGGGAAGAGAAGAgttt
tagagctagaa 

uts2r3b1436 sequencing primer 1 ATGGATCCCCTGATGTCCTG 

uts2r3b1436 sequencing primer 2 TCGAACTCTGCTCATCCCAG 

Sequence (all 5’-3’)Name
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Table 3: Oligonucleotides for CRISPR/Cas9 Mosaic Mutagenesis


Name Sequence (all 5’-3’)

bottom strand oligo 2 AAAAGCACCGACTCGGTGCCACTTTTTCAAGTT
GATAACGGACTAGCCTTATTTTAACTTGCTATTT
CTAGCTCTAAAAC

cfap298 G0 oligo 1 TAATACGACTCACTATAGGTTCTCTTCAACACTA
CGGGTTTTAGAGCTAGAAATAGC

cfap298 G0 oligo 2 TAATACGACTCACTATAGGGCTCCACAATCTGAT
CATGTTTTAGAGCTAGAAATAGC

cfap298 G0 oligo 3 TAATACGACTCACTATAGGCATTCTTATTGGATCA
TGGTTTTAGAGCTAGAAATAGC-3′

cfap298 G0 oligo 4 TAATACGACTCACTATAGGTCTCTGGCAGGTGC
GCCCGTTTTAGAGCTAGAAATAGC-3′

daw1 G0 oligo 1 TAATACGACTCACTATAGGTCACCTGCTCGACAC
AGGGTTTTAGAGCTAGAAATAGC

daw1 G0 oligo 2 TAATACGACTCACTATAGGGCGGTGCTGTTACCC
GTAGTTTTAGAGCTAGAAATAGC

daw1 G0 oligo 3 TAATACGACTCACTATAGGGTCTATTATAGGTATG
CCGTTTTAGAGCTAGAAATAGC

daw1 G0 oligo 4 TAATACGACTCACTATAGGCTGCTTGCGTATAGG
TGTGTTTTAGAGCTAGAAATAGC

pkd2 G0 oligo 1 TAATACGACTCACTATAGGTGGTGCTCACCATTC
CATGTTTTAGAGCTAGAAATAGC

pkd2 G0 oligo 2 TAATACGACTCACTATAGGGCTGATTTCTCCCGT
GTGGTTTTAGAGCTAGAAATAGC

pkd2 G0 oligo 3 TAATACGACTCACTATAGGCACAGCGCCCCCTG
TGGCGTTTTAGAGCTAGAAATAGC

pkd2 G0 oligo 4 TAATACGACTCACTATAGGGCTCCGCCAAGACC
TTAGGTTTTAGAGCTAGAAATAGC

sspo G0 oligo 1 TAATACGACTCACTATAGGTTCGTCCCCAGTGGT
CCGGTTTTAGAGCTAGAAATAGC

sspo G0 oligo 2 TAATACGACTCACTATAGGAAACGGCCGTCAGT
GTCGGTTTTAGAGCTAGAAATAGC

Name
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sspo G0 oligo 3 TAATACGACTCACTATAGGTGTTGCAACACCAA
CCGGGTTTTAGAGCTAGAAATAGC

sspo G0 oligo 4 TAATACGACTCACTATAGGAGCCTAGACCTGCTC
ACGGTTTTAGAGCTAGAAATAGC

urp1 G0 oligo 1 TAATACGACTCACTATAGGAAAGTGAAGATCGC
GGCCGTTTTAGAGCTAGAAATAGC

urp1 G0 oligo 2 TAATACGACTCACTATAGGACACGGCTCTGCCA
CAACGTTTTAGAGCTAGAAATAGC

urp1 G0 oligo 3 TAATACGACTCACTATAGGTTCAGAAGCTGGTA
GCAGGTTTTAGAGCTAGAAATAGC

urp1 G0 oligo 4 TAATACGACTCACTATAGGGAAAATAAATAACAT
GGTGTTTTAGAGCTAGAAATAGC

urp2 G0 oligo 1 TAATACGACTCACTATAGGTGACTGTCGCTTCAA
TCGGTTTTAGAGCTAGAAATAGC

urp2 G0 oligo 2 TAATACGACTCACTATAGGGACATTTCCTGACGG
AGAGTTTTAGAGCTAGAAATAGC

urp2 G0 oligo 3 TAATACGACTCACTATAGGTGGACACGAGGAGA
CCGAGTTTTAGAGCTAGAAATAGC

urp2 G0 oligo 4 TAATACGACTCACTATAGGTCACCAGGTAGTGA
CGGAGTTTTAGAGCTAGAAATAGC

Sequence (all 5’-3’)Name
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Table 4: Miscellaneous Primers


Name Sequence (all 5’-3’)

Daw1Asn143Asp_F for site-directed 
mutagenesis

CATCGCCTTCgACAACCCTTA

Daw1Asn143Asp_R for site-directed 
mutagenesis

GCATACACAACGTTCCTG

Daw1b1402_F for site-directed 
mutagenesis

TTCAACAACCCTTACGGAG

Daw1b140_R for site-directed 
mutagenesis

GGCATACACAACGTTCCTG

Daw1Trp372Cys_F for site-directed 
mutagenesis

CTCGTGTGTGtTGTGTGAAGAC

Daw1Trp372Cys_R for site-directed 
mutagenesis 

ACGTTTTGTCCACACTCG

pkd2_gRNA1_F for T7E1 assay TTCCCTGCTGCTGAATCTGA

pkd2_gRNA1_R for T7E1 assay CCTCCATGGTTGAAAGGCTC

pkd2_gRNA2_F for T7E1 assay GGATGAGAGTAGCCTGGGTG

pkd2_gRNA2_R for T7E1 assay TGCTCTTACAACTGGGATCGA

pkd2_fragment1-F for gibson 
cloning

agtccctggtatatatagctctccctccagctcttggttcGCGTCTTTTG
TTCTGGTCATCAAGG

pkd2_fragment1-R for gibson 
cloning

ATGACCAGAACAAAAGACGCAAAAAAGCACCG
ACTCGGTG

pkd2_fragment2-F for gibson 
cloning

CACCGAGTCGGTGCTTTTTTGCGTCTTTTGTTCT
GGTCATCAAGG

pkd2_fragment2-R for gibson 
cloning

ATGACCAGAACAAAAGACGCAAAAAAGCACCG
ACTCGGTG

pkd2_vector-F for gibson cloning CACCGAGTCGGTGCTTTTTTttttttggtaccgt

pkd2_vector-R for gibson cloning ATGACCAGAACAAAAGACGCatcgatgatgat

rpl13_F for qPCR TAAGGACGGAGTGAACAACCA 

rpl13_R for qPCR CTTACGTCTGCGGATCTTTCTG 

urp1_F for qPCR ACATTCTGGCTGTGGTTTG 

urp1_R for qPCR GTCCGTCTTCAACCTCTGCTAC 

Name
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urp1_gRNA1+2_F for T7E1 assay GACAGCGCACCCTTAATTGT 

urp1_gRNA1+2_R for T7E1 assay ACATTTAGCCTTAACAAGCACAA 

urp1_gRNA3+4_F for T7E1 assay CAGACAAGGGAACAGAGAGGA 

urp1_gRNA3+4_R for T7E1 assay CCACTGCTTTTAAATCATCCACC 

urp2_F for qPCR AGAGGAAACAGCAATGGACG 

urp2_R for qPCR TGTTGGTTTTGGTTGACG 

urp2_gRNA1_F for T7E1 assay ATCTTAGAGGCGCATTGGTG 

urp2_gRNA1_R for T7E1 assay GCATGAGGCGGTTTGTTTTG 

urp2_gRNA2+3_F for T7E1 assay TGAAGCAACTGAGGAGCAAA 

urp2_gRNA2+3_R for T7E1 assay ACAGTACAGTTCAGCACACCT 

urp2_gRNA4_F for T7E1 assay TGACCTATACATCAAAGCCAAGG 

urp2_gRNA4_R for T7E1 assay CCTGGGCTGATCATACCTCT

Sequence (all 5’-3’)Name
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APPENDIX C: MOVIE LEGENDS


All movies are included as supplemental files to this dissertation. 


Movie 1. Reconstitutions of µCT data of sections of the vertebral column in daw1b1403 
mutant adults and controls. Vertebrae 8–12 were segmented from two whole-animal µCT scans 
and reconstituted using 3D Viewer (ImageJ).


Movie 2. Central canal cilia at 25 h.p.f. in daw1b1403 mutants and controls. Images were 
acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per 
second. The movie is replayed at 50 frames per second. Upper panels show DIC with a small 
Gaussian blur. Lower panels show background subtracted series using a moving average of 55 
frames. Scale bar — 5 µm. Left - rostral; top - dorsal.


Movie 3. Central canal cilia at 34 h.p.f. in daw1b1403 mutants and controls. Images were 
acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per 
second for 4 seconds. The movie is replayed at 50 frames per second. Upper panels show DIC 
with a small Gaussian blur. Lower panels show background subtracted series using a moving 
average of 55 frames. Scale bar — 5 µm. Left - rostral; top - dorsal.


Movie 4. Central canal cilia at 43 h.p.f. in daw1b1403 mutants and controls. Images were 
acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per 
second for 4 seconds. The movie is replayed at 50 frames per second. Upper panels show DIC 
with a small Gaussian blur. Lower panels show background subtracted series using a moving 
average of 55 frames. Scale bar — 5 µm. Left - rostral; top - dorsal.


Movie 5. Central canal cilia at 52 h.p.f. in daw1b1403 mutants and controls. Images were 
acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per 
second for 4 seconds. The movie is replayed at 50 frames per second. Upper panels show DIC 
with a small Gaussian blur. Lower panels show background subtracted series using a moving 
average of 55 frames. Scale bar — 5 µm. Left - rostral; top - dorsal.


Movie 6. Pronephric duct cilia at 25 h.p.f. in control embryos. Images were acquired with a 
Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per second for 2 
seconds. The movie (400 ms) is replayed at 50 frames per second. Left panels show DIC with a 
small Gaussian blur from three individual embryos. Right panels show background subtracted 
series using a moving average of 55 frames. Scale bar — 5 µm. Left - proximal direction; top - 
dorsal.


Movie 7. Pronephric duct cilia at 25 h.p.f. in daw1b1403 mutants. Images were acquired with a 
Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per second for 2 
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seconds. The movie (400 ms) is replayed at 50 frames per second. Left panels show DIC with a 
small Gaussian blur from three individual embryos. Right panels show background subtracted 
series using a moving average of 55 frames. Scale bar — 5 µm. Left - proximal direction; top - 
dorsal.


Movie 8. Pronephric duct cilia at 34 h.p.f. in control embryos. Images were acquired with a 
Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per second for 2 
seconds. The movie (400 ms) is replayed at 50 frames per second. Left panels show DIC with a 
small Gaussian blur from three individual embryos. Right panels show background subtracted 
series using a moving average of 55 frames. Scale bar — 5 µm. Left - proximal direction; top - 
dorsal.


Movie 9. Pronephric duct cilia at 34 h.p.f. in daw1b1403 mutants. Images were acquired with a 
Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per second for 2 
seconds. The movie (400 ms) is replayed at 50 frames per second. Left panels show DIC with a 
small Gaussian blur from three individual embryos. Right panels show background subtracted 
series using a moving average of 55 frames. Scale bar — 5 µm. Left - proximal direction; top - 
dorsal.


Movie 10. Sperm flagella extracted from adult male sibling controls. Images were acquired 
with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 1000 frames per second 
for 1 second. The movie (500 ms) is replayed at 50 frames per second. Panels show data from 
three sperm preparations. Scale bar — 5 µm.


Movie 11. Sperm flagella extracted from adult male daw1b1403 mutants. Images were 
acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 1000 frames per 
second for 1 second. The movie (500 ms) is replayed at 50 frames per second. Panels show data 
from three sperm preparations. Scale bar — 5 µm.


Move 12. KV cilia in 10 somite staged wild-type control embryos. Images were acquired with 
a GE DeltaVision Ultra microscope at 500 frames per second for 1 second. The movie is 
replayed at 25 frames per second. Panels show four individual embryos. Scale bar — 5 µm.


Movie 13. KV cilia in 10 somite staged daw1b1403 mutants. Images were acquired with a GE 
DeltaVision Ultra microscope at 500 frames per second for 1 second. The movie is replayed at 25 
frames per second. Panels show four individual embryos. Arrow heads show immotile cilia. 
Scale bar — 5 µm.


Movie 14. Central canal cilia at 25 h.p.f. in cfap298tm304 mutants and controls raised at 
30°C. Images were acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera 
at 250 frames per second for 4 seconds. The movie is replayed at 50 frames per second. Upper 
panels show DIC with a small Gaussian blur. Lower panels show background subtracted using a 
moving average of 55 frames. Scale bar — 5 µm. Left - rostral; top - dorsal.
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Movie 15. Central canal cilia at 52 h.p.f. in cfap298tm304 mutants and controls raised at 30°C 
until 28 h.p.f. then downshifted to 22°C. Images were acquired with a Nikon Ti2 inverted 
microscope and pco.edge sCMOS camera at 250 frames per second for 4 seconds. The movie is 
replayed at 50 frames per second. Upper panels show DIC with a small Gaussian blur. Lower 
panels show background subtracted using a moving average of 55 frames. Scale bar — 5 µm. 
Left - rostral; top - dorsal.


Movie 16. Central canal cilia at 52 h.p.f. in cfap298tm304 mutants and controls raised at 
30°C. Images were acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera 
at 250 frames per second for 4 seconds. The movie is replayed at 50 frames per second. Upper 
panels show DIC with a small Gaussian blur. Lower panels show background subtracted using a 
moving average of 55 frames. Scale bar — 5 µm. Left - rostral; top - dorsal.


Movie 17. KV cilia motility in daw1b1403 mutants injected with daw1WT mRNA. Images were 
acquired with a GE DeltaVision Ultra microscope at 500 frames per second for 1 second. The 
movie is replayed at 25 frames per second. Panels show individual mutant embryos; cilia 
motility is rescued. Scale – 5 µm.


Movie 18. KV cilia motility in daw1b1403 mutants injected with daw1Asn143Asp mRNA. Images 
were acquired with a GE DeltaVision Ultra microscope at 500 frames per second for 1 second. 
The movie is replayed at 25 frames per second. Panels show individual mutant embryos; cilia 
motility is not rescued. Arrow heads show immotile cilia. Scale – 5 µm.


Movie 19. KV cilia motility in daw1b1403 mutants injected with daw1Ser364Thr mRNA. Images 
were acquired with a GE DeltaVision Ultra microscope at 500 frames per second for 1 second. 
The movie is replayed at 25 frames per second. Panels show individual mutant embryos; cilia 
motility is not rescued. Arrow heads show immotile cilia. Scale – 5 µm.


Movie 20. KV cilia motility in daw1b1403 mutants injected with daw1Trp372Cys mRNA. Images 
were acquired with a GE DeltaVision Ultra microscope at 500 frames per second for 1 second. 
The movie is replayed at 25 frames per second. Panels show individual mutant embryos; cilia 
motility is partially rescued. Arrow heads indicate cilia with partially restored motility. Scale – 5 
µm.


Movie 21. Straightening timecourse of WT, pkd1b1402, and pkd1b1428;pkd1bb1442 embryos. 
Images were acquired with a Leica S9i stereoscope at 6 frames per hour for 48 hours. The movie 
is replayed at 6 frames per second. Panels show a wild type embryo (top), a pkd1b1402 mutant 
embryo (middle), and a pkd1b1428;pkd1bb1442 double mutant embryo (bottom). Scale – 1 mm.


Movie 22. Central canal cilia at 28 h.p.f. in a pkd2b1402 mutant and sibling. Images were 
acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 250 frames per 
second for 4 seconds. The movie is replayed at 25 frames per second. Upper panels show DIC 
with a small Gaussian blur. Lower panels show background subtracted using a moving average 
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of 55 frames. Left panels show a wild type central canal, right panels show one of a pkd2b1402 
mutant. Scale bar — 10 µm. Left - rostral; top - dorsal.


Movie 23. Sspo-GFP in the central canal at 28 h.p.f. in a pkd2b1402 mutant and sibling. 
Images were acquired with a Nikon Ti2 inverted microscope and pco.edge sCMOS camera at 2 
frames per second for 9 seconds. The movie is replayed at 6 frames per second. The top panel 
shows a wild type RF, the lower panel shows the RF of a pkd2b1402 mutant. Scale bar — 10 µm. 
Left - rostral; top - dorsal. 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