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Non-muscle myosin II generates contractile forces for processes such as

cytokinesis, motility, and polarity. Contractility requires assembly of myosin molecules

into bipolar mini-filaments through electrostatic interactions between coiled-coil tail

domains of the heavy chains. Analyses of myosin II from various organisms have

revealed "assembly domains" within the C-terminal portion of the tail domain that

mediate filament formation. However, it has been unclear precisely how assembly

domains interact with one another, or otherwise contribute to tail-tail interactions, to form

the bipolar mini-filament structure.

To understand tail domain interactions, we first identified a 90-residue region

(1849-1940) of the Drosophila non-muscle myosin II tail domain that was necessary and

sufficient for filament formation, using salt-dependent solubility and a novel fluorescence
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energy transfer assay. We identified residues within this "assembly domain" that were

critical for filament assembly by analyzing the effect of point mutations. We found that

single point mutations in specific positively charged regions completely disrupt filament

assembly. Surprisingly, none of the negatively charged regions within the assembly

domain are required for assembly. Most of the mutations in positively charged residues

that disrupted filament assembly clustered within a l5-residue segment (1880-1894) that

appears to form a critical interaction surface. Using this information, along with known

geometrical constraints and electrostatic calculations, we constructed a structural model

of the bipolar mini-filament. This model features one favored anti-parallel tail overlap

and multiple slightly less stable alternative overlaps. The ability of the positive segment

to interact with multiple negative regions explains the lack of required negatively charged

residues in the assembly domain. To our knowledge, this structural model ofthe non­

muscle myosin II bipolar filament is consistent with all physical observations and

provides a framework for understanding the detailed mechanism by which this

fundamental cellular structure is generated.

This dissertation contains previously published and unpublished co-authored

material.
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CHAPTER I

INTRODUCTION

The cytoskeleton is a dynamic structure within the cytoplasm of all cells that is

the basis for the internal organization, structure, and mechanical properties of the cell.

The eukaryotic cytoskeleton is comprised of three major types of protein polymers,

which are microfilaments, intermediate filaments, and microtubules. Each of these

cytoskeleton systems serves specific functions necessary for the cell to function properly.

Microfilaments are polymers of actin subunits that form a dense, crosslinked meshwork

of filaments beneath the plasma membrane known as the actin cortex. The actin cortex is

responsible for resistive tension, cell shape control, and mechanical support for cell-cell

and cell-matrix junctions. These activities not only require the mechanical resistance of

actin filaments, but also force production.

Actin based force production occurs via two basic mechanisms. The first is the

production of a protrusive force that is generated from the polymerization ofthe actin

filaments. This mode utilizes a Brownian ratchet mechanism of force production, where

thermal motion acts on a diffusional object, and the addition ofactin subunits biases that

diffusion in a directional manner, thus acting as a pawl in a ratchet. The force required

for membrane protrusions during endocytosis and cell motility is generated by this
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mechanism. The other mode of force production involves the movement of motor

proteins along actin filaments. Actin based motors, known as myosin, move

unidirectionally along actin filaments according to the filaments inherent polarity. The

motors can then actively move objects in relation to the actin filaments to produce force.

Myosins utilize a power stroke mechanism of force production, in which the ATP

hydrolysis cycle is tightly coupled to a deterministic conformational change that drives

motion (for review see Howard, 2001; Geeves and Holmes, 1999). Contractile force

production necessary for cortical rigidity, morphogenesis, and cytokinesis is generated by

class II myosin acting on oppositely polarized actin.

Myosin superfamily

Myosins constitute a large superfamily of actin-based motor proteins. Motor

proteins are so named because they are enzymes that convert chemical energy, in the

form of ATP, into force production needed for mechanical work (Sellers, 2000). The

superfamily consists of 15-18 classes, many with multiple isoforms, which were

identified by the conserved motor domain that has been shown to interact with actin,

hydrolyze ATP and produce movement of actin filaments (Sellers, 2000; Berg et aI.,

200 I; Thompson and Langford, 2002).

Much of what is known about myosin enzymatic activity came from the study of

class II myosin. Myosin II, the best-characterized myosin, is referred to as conventional

myosin since it was the first and only class of myosin known for decades. Prior to

recombinant protein technology and other modern molecular techniques, biochemical
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characterization of proteins was usually reserved for enzymes that could be easily

purified from tissue on a large scale. Myosin II was under intense investigation during

this period because it could be obtained in large quantities (makes up the majority of

cellular protein in muscle), and striated muscle contraction was one of the best­

understood physiological processes at this time (Pollard, 2000; Huxley, 2000; Cooke,

2004).

Myosin generated motility involves a cyclic cross-bridging cycle, which is

inextricably linked to the ATP hydrolysis cycle in the motor domain. The nucleotide

state throughout the ATPase cycle is linked to both the motor domain's affinity for actin

and force producing conformational changes (De La Cruz and Ostap, 2004). The ATPase

cycle consist of six nucleotide-linked states. Briefly, the cycle starts with low actin

affinity, pre-force generating intermediates of ATP bound and hydrolyzed. ATP binding

detaches the myosin motor from actin, and hydrolysis of ATP to ADP.Pi results in a

conformational change where myosin is "cocked". Upon rebinding actin, the inorganic

phosphate resulting from hydrolysis is released, which leads to the force-generating

power stroke conformational change. The last portion of the cycle contains high actin

affinity, force-bearing intermediates with ADP bound or no nucleotide bound. The

absence of nucleotide in the final step allows ATP to bind and begin the cycle once more

(De La Cruz and Ostap, 2004).

It is generally accepted that the force production mechanism utilized by myosin

comes from a conformational change tem1ed a power stroke, analogous to that of an

engine (Cooke, 2004). However, thermally driven models have been suggested as a more



4

appropriate description for motor proteins that act on microtubule tracks (Amos, 2008).

Whereas microtubule and actin based molecular motors were thought to work by these

different mechanisms, it is now known that they share a common core structure and force

transduction mechanisms (Vale and Milligan, 2000). Thus, aspects of both thermally

driven and power stroke mechanisms are utilized for motor protein movement, and the

debate between the validity of each of these mechanisms is mostly semantic.

Despite the fact that the bulk of the characterization of myosin has occurred on a

small number of classes, the incredible diversity of myosin classes suggest a high degree

of specialization for specific cellular tasks. All characterized myosins share a common

ATPase and force transduction mechanism (Sellers, 2000; Berg et aI., 2001). However,

now its known that kinetic and equilibrium parameters within the ATPase cycle can be

tuned for different mechanical properties that are useful in different contexts (De La Cruz

and Ostap, 2004). In a similar manner, the basic myosin domain architecture has evolved

in different classes and isoforms for adaptation to different cellular tasks (Sellers, 2000).

Finally, regulation of myosin activity to ensure force generation at appropriate cellular

sites at the proper time is critical for the execution of complex cellular processes.

Myosin II and myosin V are the best-characterized examples of conventional and

unconventional myosins respectively. Each myosin displays three canonical functional

domains and serves as good examples for domain architecture adaptation. Myosin II or

conventional myosin was discovered for its activity in generating contractile forces in

skeletal muscle. A large volume of work has been done on the mechanisms of muscle

contraction and the role of myosin II in generating the forces necessary for contraction
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(Pollard, 2000; Cooke, 2004). More recently, the non-muscle isoform of myosin II has

received increased attention for its role in complex cellular behaviors such as cell

migration, organ morphogenesis, wound healing, and cytokinesis (Young et aI., 1993;

Edwards and Kiehart, 1996; Shelden and Knecht, 1996; Hickson et aI., 2006; Pollard,

1981; Warrick and Spudich, 1987; Ridley et aI., 2001; Bement et aI., 1999; Glotzer,

2005; Robinson and Spudich, 2004). Contractile force production has proven to be

critical for these processes as well as general maintenance of cell shape and cortical

rigidity (Martens and Radmacher, 2008; Robinson and Spudich, 2004). Myosin V is an

unconventional myosin that transports cargo between cellular locations. Myosin V has

been implicated in mRNA transport, membrane trafficking, transport and/or tethering of

organelles, and cell polarity (Reck-Peterson et aI., 2000). Phenotypes associated with loss

of function of myosin V demonstrate defects in membrane trafficking and cell polarity

(Mercer et aI., 1991; Johnston et aI., 1991).

Myosin domain architecture and adaptations

In general myosin heavy chains contain three functional domains termed the head,

neck, and tail domains. The head and neck domains are responsible for ATP-dependent

force production. The tail domain is highly variable between classes and is specialized

for different functions (Sellers, 2000; Berg et aI., 2001).

The head domain or motor domain is the domain that binds actin and hydrolyzes

ATP. The motor domains of myosin and the resulting ATPase cycle mechanism linked

to the myosin-actin binding cycle, is conserved for all myosin classes (De La Cruz and
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Ostap, 2004). Detailed topology and mechanistic insight into the function of the motor

domain have been gained through structural studies of myosin II (Rayment et aI., 1993;

Dominguez et aI., 1998; Houdusse et aI., 1999). The motor domain structure consists of

four subdomains connected by flexible linkers. The four subdomains are an SH3-like

motif common to myosin II, an upper and lower 50 kDa subdomains, and a converter

subdomain. The upper and lower 50 kDa subdomains comprise most of the actin binding

interface. The active site where ATP binds and is hydrolyzed is located in the interface

between the upstream SH3-like motif and the 50kDa subdomains (Houdusse et aI., 1999).

The converter domain is the pivot point for the movement of the motor domain that is

controlled by conformational changes that are intimately linked to the ATPase active site.

This domain is primarily responsible for the chemo-mechanical coupling of the ATPase

activity to force production. Small changes in the conformation of the converter domain

resulting from different steps of the ATPase cycle are amplified by the attached stiff neck

domain (Rayment et aI., 1993; Houdusse et aI., 1999). For extensive review of the motor

domain structure and enzymatic activity, please see Rayment et aI., 1996 and Geeves and

Holmes, 1999.

The neck domain of myosin acts as a rigid lever arm that translates small

conformational changes of the motor domain into large displacements of the actin track

(Houdusse et aI., 1999). The neck domain of myosin is an extended helix that usually

contains binding sites for light chains or calmodulin. These binding sites are comprised

of an IQ motif that has a consensus sequence of IQXXXRGXXXR (Cheney and

Mooseker, 1992; Rhoads and Friedberg, 1997). The number ofIQ motifs present in
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different myosins is variable. For instance, myosin II contains one consensus and one

degenerate IQ motif that bind specifically to the essential light chain (ELC) and the

regulatory light chain (RLC) respectively (Houdusse et aI., 1999). Myosin V on the other

hand contains six IQ motifs, the most of any class, that bind calmodulin and in some

cases a related myosin light chain (Wang et aI., 2000; Espindola et aI., 2000; Koide et aI.,

2006). The primary function of calmodulin and light chain binding to this extended helix

that makes up the neck domain is to stabilize and stiffen the helix into a lever arm

(Rayment et aI., 1993; Trybus, 1994; Dominguez et aI., 1998; Howard and Spudich,

1996; Vilfan, 2005). The number ofIQ motifs and correlative lever arm length is linearly

related to the step size and actin sliding velocity properties of a given myosin (Uyeda et

aI., 1996; Schott et aI., 2002; Sakamoto et aI., 2005). The other main function of having

these EF hand proteins bind to the neck domain is regulation of myosin activity (Trybus,

1994; Sellers and Knight, 2007; Taylor 2007).

A common feature of myosin motors is the ability to sense tension (Kee and

Robinson, 2008). This mechanosensation ability is utilized differently between myosin

classes. Myosin V utilizes intramolecular strain to inhibit actin release by the leading

head, which coordinates the two heads for processive, directional hand-over-hand

walking along the actin filament (Purcell et aI., 2005). Similarly, resistive force slows the

ADP release of myosin II, thereby turning it into a high-duty-ratio motor for energy­

efficient tension maintenance (Kovacs et aI., 2007). This property also allows more

heads of large myosin II ensembles to bind under load, thus progressively allowing the

contractile force to overcome the resistive force until maximum stall force is achieved.
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The head and neck domains of the myosin heavy chain are sufficient for

nucleotide dependent force generation and actin sliding (Sellers, 2000). The tail domain

of different myosin classes is highly variable with specialized functions for each class.

However, a conserved function ofthe tail domain in most myosin classes is to function as

a dimerization interface for the heavy chains. The heavy chains of both myosin II and

myosin V dimerize through parallel coiled-coil structural motifs yielding two-headed

functional molecules with associated light chains and/or calmodulin (Sellers, 2000).

Coiled-coil proteins are characterized by amphipathic a-helices, with hydrophobic

residues lining one side of the helix. Two helices coil around each other as the

hydrophobic seam is buried. This creates the dimerization interface (Lupas, 1996;

Burkhard et aI., 2001).

Both myosin II and myosin V, having dimerized heavy chains, contain two motor

domains per functional molecule. However, the two motor domains are utilized

differently in these two classes. Myosin V uses each of its motor domains to bind the

actin filament in an alternating fashion resulting in a hand-over-hand walking motion that

moves the motor along the filament. Conversely, only one myosin II head is attached at

anyone time rendering it functionally similar to a single headed, non-dimerized myosin

similar to class I myosin (Sellers, 2000). The ADP release step is rate limiting for

myosin V, which means that it is predominantly strongly bound to actin at steady state.

Being a high-duty-ratio motor (spends a large fraction of the ATPase cycle time attached

to its track), allows myosin V to be highly processive for long distant transport of cargo

(Mehta et aI., 1999; Rief et aI., 2000). In comparison myosin II has a low duty ratio, but
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works in ensembles of motors yielding a higher effective duty ratio. A fast ATPase cycle

lifetime allows myosin II to rapidly contract upon activation and the high effective duty

ratio allows for continuous sliding (De La Cruz and Ostap, 2004). Even different myosin

II isoforms have developed important differences in biochemical parameters. For

instance, smooth muscle myosin II has a longer duty ratio and lifetime of strong-binding

states than skeletal muscle, which results in a slower rate of contraction, but the ability to

produce higher forces (Guilford et aI., 1997; Marston and Taylor, 1980). Also,

mammalian non-muscle myosin lIb has a higher duty ratio than non-muscle myosin IIa,

which seems to have adapted this isoform for tension maintenance as opposed to rapid

contraction (Wang et aI., 2003; Rosenfeld et aI., 2003).

Tail domains also appear to playa regulatory role, potentially in conjunction with

the light chains and/or calmodulin, which could be a conserved regulatory mechanism

across all motor proteins (Sellers and Knight, 2007). The myosin II tail domain is a long

coiled-coil rod that displays an alternating charge repeat that is important for electrostatic

self-association (Parry, 1981; McLachlan and Karn, 1982). Myosin II forms bipolar

filaments with multiple subunits through parallel and anti-parallel tail-tail interactions

(Craig and Woodhead, 2006). The formation ofthese filaments with oppositely oriented

motor domains is a prerequisite for contractile force generation (Warwick and Spudich,

1987). The myosin V tail domain is comprised of a coiled-coil rod region and a globular

tail region that functions in cargo binding and regulation of myosin V activity. Myosin V

uses its tail to bind cargo via cargo-specific receptors that it then transports along actin

tracks to targeted cellular sites (Trybus, 2008).
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Regulation of myosin activity

Until now I have primarily discussed the important features of myosin for

producing actin-based force generation. Arguably more interesting is the link that

myosin provides between signaling pathways and regulation of the cytoskeleton. In the

following section I will be talking at length about the regulation of myosin activity.

The ability of myosins to be activated only at the correct cellular site, at the

appropriate time is critical for complex cellular processes. For instance, during cell

division myosin II is inactivated at the polar cortex, while contraction results in an

elongated cell shape that is necessary to allow for anaphase extension of the mitotic

spindle, thus aiding in chromosome segregation. Myosin II then concentrates at the cell

equator after chromosome segregation, where it aids in the division of cytoplasm between

the resulting daughter cells, known as cytokinesis (Robinson and Spudich, 2004). The

tight spatio-temporal regulation of myosin II activity during this process, and the

signaling pathways that control it has been the subject of intense investigation in cell

biology for many decades now (Glotzer, 2005).

The ability of myosin to achieve an inhibited or off state is critical for the ability

of signaling pathways to regulate motor activity. As stated above, the neck domain, with

light chains andlor calmodulin bound, and the tail domain are responsible for the

regulation of myosin activity of many isoforms. Though both myosin II and myosin V

utilize these two domains for regulation, the mechanism of regulation is quite different

between these two classes.
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Myosin V activity is regulated in two basic fashions. One mode of regulation is

by calcium binding to calmodulin or related light chain, whereas the other mode involves

the molecule adopting a compact off state. The regulation of myosin V by calcium is

complex. Calcium has been shown to increase ATPase activity of myosin V, but

interestingly there is decreased actin motility (Cheney et aI., 1993; Krementsov et aI.,

2004; Li et aI., 2004; Wang et aI., 2004). Myosin V is an unusual substrate for

calmodulin due to the fact that calmodulin binds the IQ motifs in the absence of calcium,

which usually activates calmodulin ligand binding. Unexpectedly, in the presence of

calcium, myosin V is activated, but calmodulin dissociates from one of the IQ motifs

(Nguyen and Higuchi, 2005; Krementsov et aI., 2004; Koide et aI., 2006; Trybus et aI.,

2007). The dissociated calmodulin molecule renders the lever arm flexible, resulting in

an inability to transmit force and decreased actin motility (Veigel et aI., 2005; Lu et aI.,

2006). The extent that this mode of regulation occurs in vivo is not known.

The second mode of regulation of myosin V activity is the ability to reversibly

change conformation into a compact inhibited state. Hydrodynamic data shows that

active myosin V exists in an elongated state (11 S), while the inhibited state is in a

compact folded conformation (14S) (Krementsov et aI., 2004; Li et aI., 2004; Wang et aI.,

2004). A similar conformational change has been observed for smooth muscle myosin II

and kinesin, suggesting that this is a common mechanism of motor protein inhibition

(Trybus et aI., 1982; Trybus and Lowey, 1984; Hackney et aI., 1992). The three­

dimensional structure of the myosin V inhibited state has been determined by electron

microscopic approaches (Liu et aI., 2006; Thirumurugan et aI., 2006). Myosin V bends at



12

the lever arm to rod junction so that the globular tail interacts with the motor domain near

the active site. In this fashion, the globular tail domain inhibits the ATPase activity, thus

achieving an "off' state (Li et aI., 2006). The heads in this compact inhibited state are in

a post-power stroke conformation, and the globular tail domain does not occlude the

actin-binding region (Liu et a., 2006; Thirumurugan et aI., 2006). The 14S conformation

of myosin V is able to bind to actin with high affinity but is restricted from binding with

both heads simultaneously (Olivares et aI., 2006). A low concentration of calcium

unfolds the inhibited state and activates the myosin molecule through rearrangements of

the bound calmodulins in the neck domain (Trybus et aI., 2007). Another mode of

activation could involve cargo competing with the heads for binding to the globular tail

domain. Whereas this model is attractive since myosin V activity is needed presumably

only for transporting cargo, it has yet to be demonstrated convincingly.

The control of myosin II activity is complex, and involves isoform specific

mechanisms of regulation. The activity of myosin II isoforms is regulated according to

their function. For instance, muscle isoforms of myosin II are regulated by calcium

fluxes, which are activated by the nervous system. Non-muscle myosin on the other hand

is regulated by signal transduction pathways in non-muscle cells.

Myosin II isoforms from striated muscle, such as skeletal and cardiac muscle, are

constitutively active in the presence of actin. The activity of these myosin II isoforms is

regulated by calcium binding to the actin-associated troponin-tropomyosin regulatory

complex. Muscle contraction occurs when the muscle cell is excited by a motor neuron,

leading to a release of calcium from the sarcoplasmic reticulum. Calcium binding to the
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troponin-tropomyosin complex causes a conformation change that results in actin no

longer being occluded from myosin interaction (Gordon et aI., 2000). Actin then

stimulates myosin activity leading to muscle contraction.

Smooth muscle myosin II can be regulated through neural input, but also can be

independently or synergistically regulated by paracrine, metabolic, and physical stimuli.

The integrative nature of smooth muscle myosin II is important for its physiological

tasks. For instance, smooth muscle myosin II controls the amount of blood flow to

different tissues depending on their metabolic states or in response to epinephrine/

norepinephrine (adrenaline/ noradrenaline) release during short-term stress. The effects

of inputs on smooth muscle myosin II depends on the characteristics of the specific

receptor activated as several types of input can have an excitatory (contraction) or

inhibitory (relaxing) effect. For example, in response to stress, epinephrine causes

dilation of blood vessels within skeletal muscle, but constriction in skin and the

gastrointestinal tract.

Smooth muscle myosin II activation is linked with the phosphorylation state of its

regulatory light chain (RLC). Neural stimulation results in calcium influx that activates

myosin light chain kinase (MLCK). Activated MLCK phosphorylates RLC on activating

residues that lead to contraction (Ding et aI., 2009). Thus, smooth muscle myosin II is

activated by calcium, despite the absence of troporuns in smooth muscle. Other pathways

to excitation also result in RLC phosphorylation by MLCK, whereas inhibitory pathways

activate myosin light chain phosphatase or kinases that inhibit MLCK (Ganitkevich et aI.,

2002). Sarcomeric myosins that are present in striated muscle can also be phosphorylated
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on their respective RLCs, but the effect is only modulatory to enzymatic activity and

mechanical properties (Sweeney and Stull, 1990).

The ATPase activity of smooth muscle myosin II is greatly reduced when RLC is

not phosphorylated (Trybus and Lowey, 1989; Trybus, 1989). A proteolytic fragment

that contains the head and neck domain with associated light chains displays high

ATPase activity in the absence of RLC phosphorylation (Greene et aI., 1983). A larger

fragment that contains part of the coiled-coil tail, allowing for dimerization, is regulated

by phosphorylation of RLC, suggesting that two heads are necessary for regulation

(Sellers et aI., 1981; Cremo et aI., 2001; Sweeney et aI., 2000; Konishi et aI., 2001).

However, it appears that dimerization alone is not sufficient to restore regulation. A

stretch of native tail sequence approximately the length of a head domain is required for

achieve complete inhibition in the unphosphorylated state (Trybus et aI., 1997). Electron

microscopic studies have clarified the requirement of two heads, as well as the role of the

tail domain in smooth muscle myosin II regulation (Wendt et aI., 1999; Wendt et aI.,

2001; Liu et aI., 2003). The inhibited state is achieved through an asymmetric interaction

between head domains of a single molecule. The two heads also bend back and interact

with the beginning of the tail domain, suggesting that this sequence is specific to bind the

inhibited head domains and that this interaction is necessary for complete inhibition

(Trybus et aI., 1997; Wendt et aI., 2001). Even lower ATPase activity is achieved in the

full-length molecule suggesting that the entire tail domain may stabilize the inhibited

state (Trybus 1989; Cross et aI., 1988).
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Similar to class V myosin, smooth muscle myosin adopts a compact off state

(lOS) when inhibited, and adopts an elongated state (6S) when activated (Trybus et aI.,

1982; Onishi and Wakabayashi, 1982; Trybus and Lowey, 1984). The inhibited state is

marked by a folded-back tail domain with two acute bends, giving rise to three elongated

segments (Trybus and Lowey, 1984; Burgess et aI., 2007). The transition from the lOS to

6S state is a prerequisite of filament formation; therefore RLC phosphorylation regulates

both enzymatic activity and the state of assembly of smooth muscle myosin II (Trybus

and Lowey, 1984). However, the role of the lOS form of myosin in smooth muscle is

controversial. Smooth muscle myosin filaments are present in relaxed smooth muscle,

and there is no known role for depolymerization in smooth muscle regulation (Somlyo et

aI., 1981; Horowitz et aI., 1994; Seow2005).

The regulation mechanisms of vertebrate non-muscle myosin II is remarkably

similar to that of smooth muscle myosin II. Several kinases have been shown to

phosphorylate its respective RLC, coupling it to several signal transduction pathways

independent of calcium (Tan et aI., 1992; Yamakita et aI., 1994; Jordan and Karess, 1997;

Kamatsu et aI., 2000). Unlike smooth muscle myosin II, the ability to regulate the

assembly state of non-muscle myosin II seems to be vitally important for the

physiological role of this myosin II isoform.

Non-muscle myosin II

The non-muscle myosin II isoform is of great interest due to its roles in

fundamental cell biological processes in all eukaryotic cell types and organisms. Muscle
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isoforms of myosin II were evolved for complex systems in multi-cellular organisms,

such as the gastrointestinal tract, circulatory system, and locomotion. The specialized

structures that these isoforms operate within are dynamic in their activity, but there

construction is more static in nature. When activated, muscle isoforms lead to the

contraction of the entire muscle cell. On the other hand, non-muscle myosin II must

dynamically localize and assembly into filaments at cellular sites where contractile force

production is needed locally.

Non-muscle myosin II generates the contractile force for controlling cortical

rigidity, cell shape, cell-cell and cell-matrix adhesion, cell migration, and the ability to

divide during proliferation (Young et aI., 1993; Edwards and Kiehart, 1996; Shelden and

Knecht, 1996; Hickson et aI., 2006; Martens and Radmacher, 2008; Pollard, 1981;

Warrick and Spudich, 1987; Ridley et aI., 2001; Bement et aI., 1999; Glotzer, 2005;

Robinson and Spudich, 2004). This makes non-muscle myosin II essential for life of

eukaryotic organisms. The ability of non-muscle myosin II to organize and alter the

mechanical properties of the actin cortex when activated provides a direct link between

signaling pathways and the regulation of cell mechanics. This activity also makes non­

muscle myosin II unique among the myosin superfamily, in that it is a motor protein that

is acting as a regulator of the actin cytoskeleton system.

Much of what is known about myosin II function in non-muscle cells comes from

studies in the cellular slime mold Dictyostelium discoideum. Surprisingly, cells lacking

non-muscle myosin II are viable if grown on a surface where cell division occurs through

a unique traction-mediated cytofission (De Lozanne and Spudich, 1987; Spudich, 1989;
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Pasternak et aI., 1989). However, in suspension, ablated myosin II results in large

multinucleated cells, similar to all other known eukaryotes (De Lozanne and Spudich,

1987; Knecht and Loomis, 1987; Manstein et aI., 1989). In normal cytokinesis, cells

round up then elongate during anaphase extension with myosin II concentrating in a

contractile ring that constricts to form two cells (Zang et aI., 1997). In myosin II null

cells, elongation and cytokinesis is inhibited, but traction forces from polar ruffling in the

presence of a surface is sufficient to constrict the midzone (Zang et aI., 1997). This

interesting adaptation has allowed the role of myosin II in cell shape changes during

cytokinesis, cell migration, development, surface receptor capping, and cortical tension to

be studied (Zang et aI., 1997; Xu et aI., 1996; Knecht and Loomis, 1988; Peters et aI.,

1988; Pasternak et aI., 1989; Aguado-Velasco et aI., 1997). Also, myosin II null cells can

serve as a host for reintroduced myosin mutants, allowing physiological characterization

and purification for biochemical assays (Egelhoff et aI., 1993; Kubalek et aI., 1996; Shu

et aI., 1999; Manstein et aI., 1989; Manstein et aI., 1995). This advance has allowed

identification of localization signals, domains responsible for filament assembly, and

mechanisms of regulation. Unfortunately, non-muscle myosin II from Dictyostelium

discoideum has a divergent sequence, and is regulated by myosin heavy chain

phosphorylation, while myosin II from higher organisms is regulated through RLC

phosphorylation (Tan et aI., 1992). Despite this, knowledge garnered from these studies

has been invaluable for understanding cell mechanics and upstream cytoskeleton

regulation, which is conserved with other eukaryotes (Clarke and Spudich, 1977;

Egelhoff and Spudich, 1991; Robinson and Spudich, 2004).
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Studies of non-muscle myosin II in Drosophila melangaster and mammalian

tissue culture have revealed similar roles for myosin in these physiological processes as

those studied in Dictyostelium discoidium. Zipper, the Drosophila non-muscle myosin II

heavy chain, was the first motor protein shown to be involved in morphogenesis (Young

et aI., 1993; Edwards and Kiehart, 1996). Drosophila has proven to be a useful model for

understanding the role of non-muscle myosin II and its regulation through RLC, in tissue

architecture and development of multi-cellular organisms (Franke et aI., 2005; Edwards

and Kiehart, 1996).

As mentioned above, non-muscle myosin II from Dictyostelium and higher

organisms are regulated in different manners to achieve localized activity. In

Dictyostelium a portion of the heavy chain tail domain, which is responsible for tail-tail

interactions within bipolar filaments, is phosphorylated. This phosphorylation interferes

with inter-tail domain interactions, thereby disrupting filament assembly (Sabry et aI.,

1997; Nock et aI., 2000; Nagasaki et aI., 2002). In higher organisms, non-muscle myosin

II is regulated by a number of mechanisms, with RLC phosphorylation being the most

common mechanism (Bresnick, 1999). How phosphorylation of the RLC, near the head

domains, alters the ability of tail domains to interact is poorly understood. However, the

common theme of non-muscle myosin II regulation is that, in contrast to muscle

isoforms, the assembly state is the property that is primarily regulated (Egelhoff et aI.,

1993; Breckenridge et aI., 2009; Sellers and Knight, 2007). It is perhaps easy to imagine

that non-muscle cells would like to restrict the assembly of this contractile apparatus to
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localized regions where contraction is needed, as opposed to primarily regulating the

activity of static assemblies.

Remaining questions

Currently, it is well understood how non-muscle myosin II from Dictyostelium

discoidium self-associates to form bipolar filaments and how this interaction is regulated

by signaling pathways (Zang et aI., 1997; O'Halloran et aI., 1990; Hostetter et aI., 2004).

However, the mechanism of bipolar filament formation, the regulation of filament

assembly, and the localization mechanisms of non-muscle myosin II from multi-cellular

organisms are poorly understood. Despite our limited knowledge of these basic activities

of non-muscle myosin II, the signal transduction pathways that regulate its function

during complex physiological processes have been under intense investigation (Warrick

and Spudich, 1997; Young et aI., 1993; Bement et aI., 1999; Robinson and Spudich,

2004).

In the following chapters the role of the tail domain in the fOlmation of bipolar

filaments and targeting of the Drosophila non-muscle myosin II molecule to specific

cellular sites is discussed. Chapter II will show the identification of subdomains within

the tail domain that are responsible for bipolar filament formation and distinctive

localization patterns that occur in a cell cycle-dependent manner. This work has been

previously published with Dr. Su-Ling Liu, Natasha Fewkes, Rhiannon Penkert, and Dr.

Ken Prehoda. Chapter III will demonstrate how assembly domains contribute to tail-tail

interactions that form the basis for bipolar filament formation. Also, analysis of inter-tail
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domain interactions has lead to the first structural model for non-muscle myosin II

bipolar filament. Natasha Fewkes and Ryan Frei carried out filament assembly assays on

several mutant constructs used in this study. Finally, chapter IV will outline the progress

that has been made to understanding non-muscle myosin II function, and outline some

future investigations that have been started due to this work.
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CHAPTER II

FILAMENT-DEPENDENT AND -INDEPENDENT LOCALIZATION MODES OF

DROSOPHILA NON-MUSCLE MYOSIN II

Reproduced with permission from Su-Ling Liu, Natasha Fewkes, Derek Ricketson,

Rhiannon R. Penkert, Kenneth E. Prehoda. 2008, Journal ofBiological Chemistry,

283(1 ):380-7. Copyright 2008. The American Society for Biochemistry and Molecular

Biology, Inc.

Introduction

The motor protein myosin II assembles into bipolar filaments, which, through

interactions with F-actin, generate contractile forces that are important for many cellular

processes. In non-muscle cells, myosin II accumulates at the cytokinetic cleavage furrow

with a band of F-actin, which together constricts the midzone of the cell to produce two

daughter cells (1,2). Myosin II is also important for organization of the cell cortex in

processes such as cell movement (3,4), cell polarity and asymmetric cell division (5-9). In

this study, we investigate the requirements for assembly of Drosophila myosin II and its

targeting to the cortex and cleavage furrow.
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Actomyosin contraction requires the assembly of individual myosin II hexamers

(containing two heavy chains, and two pairs of distinct light chains) into bipolar filaments

that drive actin filaments in opposite directions. Bipolar filament assembly is mediated by

a large coiled-coil tail domain present in the heavy chain. In myosin lIs from several

organisms, only a small region of the tail domain is required to confer the ability to

assemble into filaments (10-16). However, the best-studied examples of filament

assembly, myosin II tail domain from Aeanthamoeba and Dietyostelium, show little

sequence homology (~10% identity, ~19% homology) to zipper, the Drosophila myosin

II heavy chain. Furthermore, the tail domain of zipper displays uniform conservation (~

52% identity, ~74% homology) with those of vertebrate non-muscle myosin lIs, which

leaves the precise determinants of filament assembly unclear.

As filament assembly is a prerequisite for contractile force generation, modulation

of filament stability can be used to regulate actomyosin contraction. Filament stability

can be regulated by covalent modification of the tail domain, regulatory light chain, or by

ligand binding to the tail domain. In Dietyostelium, myosin heavy chain kinase (MHCK)

phosphorylates three threonine residues in the tail domain, which leads to inhibition of

filament assembly (17,18). However, MHCKs do not exist in higher organisms and the

mechanism of filament assembly regulation is less clear. Although other kinases can

phosphorylate the heavy chain, these phosphorylation events appear to be functionally

distinct from the MHCK regulation of Dietyostelium myosin II. For example, although

protein kinase C (PKC) phosphorylates zipper, phosphorylation does not appear to alter

filament stability and is not required for viability (19). In cultured mammalian cells
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however, atypical PKC phosphorylates mYOSIn II, which leads to slower filament

assembly and delocalized myosin II (20).

Proper myosin II function also requires recruitment of filaments to specific

cellular sites. Myosin II localizes to the F-actin rich cell cortex where it alters cellular

mechanical properties and actively organizes the molecular composition of the cortex (8).

For example, in C. elegans, cortical nows of myosin II are required for the segregation of

cell fate determinants in the early embryo (21-23). In the C. elegans one-cell embryo

cortical myosin II forms a dynamic cortical network of contractility that is destabilized

near the point of sperm entry. The resulting asymmetry induces cortical now of myosin

II, F-actin, and Par proteins toward the opposite pole. Myosin II localization is also

important during mitosis where it is depleted at the polar cortex and becomes highly

concentrated around a narrow band of the cell surrounding the central spindle that

ultimately forms the contractile ring (1). Interestingly, in Dictyostelium localization to the

cleavage furrow does not require myosin II's actin-binding motor domain as myosins in

which the motor domain has been replaced by green nuorescent protein (GFP) correctly

localize to the cleavage furrow (24). However, the role of the motor domain in the

localization of myosin II in higher organisms is unknown.

In order to further understand myosin II filament assembly and localization, we

have investigated these properties using the Drosophila non-muscle myosin II heavy

chain, zipper. Zipper function is important for diverse developmental processes including

border cell migration (25), nuclear migration in the syncytial preblastoderm (26),

cellularization, and dorsal closure (27-29). During embryonic cellularization the plasma
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membrane invaginates in the syncytial blastoderm around cortically positioned nuclei to

simultaneously form 6000 columnar epithelial cells. Contraction of an actin array by

myosin II is required for the basal closure ofthe membrane around the nuclei (28).

In Drosophila neuroblasts, precursors of the central nervous system, zipper

function is required for correct partitioning of cell fate determinants in a similar but

mechanistically distinct manner as occurs in C. elegans (7,8,22). Myosin II is initially

restricted to the apical cortex by the tumor suppressor Lethal (2) giant larvae (LgI) (7).

During anaphase and telophase myosin II localization expands basally and this correlates

with the basal restriction of cell fate determinants. Although myosin II function at the cell

cortex is important in many different contexts, the determinants for its cortical

localization are unknown. Here we examine the determinants of zipper filament assembly

and localization with the goal of understanding myosin II function at the cell cortex.

Results

The zipper tail domain contains a 90-residuefilament "assembly domain"

We first defined the precise requirements for oligomerization of the coiled-coil

tail so that we could compare the zipper elements that specify filament assembly with

those that target it to the cell cortex. The Drosophila myosin II heavy chain, zipper,

consists of an 800 residue motor domain and a 1000-residue tail domain (Fig. lA). The

tail domain contains approximately 800 residues with a heptad repeat, consistent with its

ability to formed coiled-coils, followed by a short section known as the tailpiece that
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lacks the heptad repeat. Interactions between coiled-coils are responsible for higher order

oligomerization of myosin II intobipolar filaments.

Which elements of the zipper tail sequence are necessary for tail domain

assembly? The so-called "assembly domain" (AD) for several non-muscle myosin heavy

chain tail domains have been determined (13-16), but the homology among tail domains

is distributed uniformly and in some cases is very low such that it is not yet possible to

predict the AD of myosin II tail domains. The zipper AD is known to occur in the

COOH-terminal 300 residues (19) and we tested regions ofthe tail domain for the ability

to form filaments using salt-dependent assembly assays to identify the AD to higher

resolution. Filaments and paracrystals efficiently sediment upon centrifugation, whereas

unassembled coiled-coil dimers remain in solution (13). Zipper tail domain regions

exhibited different propensities to sediment in a salt-dependent manner (Fig. IB).

Oligomerization of Dictyostelium myosin II is highly salt-dependent (13), only

assembling at intelmediate salt concentrations (25-100 mM NaCl) and this is the case for

certain zipper tail regions (Fig. 1C). Other tail domain regions remained soluble over the

entire salt concentration range indicating that they fail to oligomerize into structures that

sediment under these conditions. Circular dichroism spectroscopy and analytical

ultracentrifugation analysis (data not shown) of the tail region 1550-1810 shows that it

forms a coiled-coil dimer, so the failure of oligomerization is not due to the disruption of

secondary and tertiary structure.

In order to measure the extent of filament assembly in solution, we developed an

assay based on fluorescence resonance energy transfer (FRET) between NH2-terminally
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attached fluorescent proteins. We predicted that the close proximity of the NH2-terminal

regions ofthe tail when polymerized would allow for energy transfer between fluorescent

proteins at this position (Fig. ID). A solution of cyan and yellow fluorescent protein

(CFP and YFP, respectively) fusions of zipper show a salt-dependent ratio of donor

(CFP) to acceptor (YFP) fluorescence, indicative of energy transfer in the filament state

(Fig. ID,E).

The FRET and pelleting assays yielded qualitatively similar results indicating that

the separation between soluble and insoluble phases that occurs in the pelleting assay did

not significantly perturb the equilibrium between individual coiled-coils and higher order

oligomers. It should be noted that placing fluorescent "heads" on Dictyostelium myosin II

restores the bipolar mini-filament nature of the oligomers formed by tail domain

truncations (13), thus the FRET assay likely represents filaments that are in a native form.

Furthermore, identical pelleting results were obtained using fluorescent protein tagged or

non-tagged tail fragments (Fig. lB). The only exception occurred when the CFP and

YFP were placed directly adjacent to the assembly domain (see below) where they

inhibited filament assembly, presumably for steric reasons. The FRET assay did allow for

observation of subtle differences between zipper tail regions in their ability to form

filaments. For example aligomers of the tail domain regions 1744-2011 and 1570-1969

oligomers are maximally stable at different salt concentrations indicating that regions

outside the AD can influence filament stability. We expect that this assay will also be

useful for measuring other filament assembly parameters, including assembly kinetics.
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Figure 1.ldentifkatoon of a zipper filament assembly domain. A. Zipper
domain structure. A schematic of a zipper dimer is shown with motor domains
(ovals), coiled-coil tail domain (rod; amino acid residue 1111-1969) and non-helical
tailpiece (circle). Non-tagged zipper tail domain proteins were used on Band C,
except where indicated, and fluorescent protein-tagged tail domain proteins were
used on Eand F. B. Pelleting assay for filament assembly for several tail domain
regions. Sstands for supernatant fraction and P sands for pelleted fraction. C.
Quantification of solubility for tail domain regions shown in (B). D. Scheme for
fluorescence resonance energy transfer (FRET)-based assay for filament assembly.
E. Fluorescence emission spectra of an assembly domain-containing zipper tail
domain at low, medium, and high salt concentrations. Energy transfer is observed
at 75 mM salt where the tail domain is expected to form filaments. F. Salt depen­
dence of FRET signal for several tail fragments. Error bars represent standard
deviations from three independent measurements.
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Comparison of the ability of different regions of the zipper tail to assemble

reveals that residues 1849-1940 comprise a minimal assembly domain (AD) that is both

necessary and sufficient to robustly assemble into filaments (Fig. 2A). Sequence

comparison shows that the zipper AD partially overlaps the 39-residue second assembly

competence domain identified in human non-muscle myosin (15) and encompasses the

29-residue AD found in sarcomeric myosin II (16). The zipper AD does not include the

globular tailpiece, which is required for filament assembly in Acanthamoeba but not

Dictyostelium myosin lIs (13,14), vertebrate smooth muscle and non-muscle myosin II

(31). Unlike the Dictyostelium AD, which is far away from the tip of coiled-coil rod, the

zipper AD is close to the end of rod and does not have "ala-rich" flanking segments that

contain alanines in the core 'a' and 'd' heptad repeat positions (13).

What are the unique features of the zipper tail assembly domain that allow it to

oligomerize? The ability of other segments of the tail domain, such as 1550-1810, to form

coiled-coils suggests that a trigger sequence necessary for coiled-coil formation (32) is

not the unique feature of the AD. Like other myosin II tail domains, the zipper tail

domain contains a repeating charge structure that may be important for specifying the

structure of the filament (Fig. 2C)(13,33). Figure 2C shows the overall charge of 15 and

29 residue windows of the zipper tail. Although this repeat occurs throughout the tail

domain, including in regions that do not assemble into filaments, the assembly domain is

the region in which the repeat is most evenly distributed among alternating IS-residue

positive and negative charged sequences. Further study will be needed to establish the

role of the specific charge repeat in stabilizing the filament structure.
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Figure 2. The zipper filament-assembly domain. A. Deletion analysis
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calculated with 15 and 29 residue windows.
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The zipper tail domain specifies cortical localization in Drosophila 82 cells

We next examined the localization of myosin II in Drosophila S2 cells to

delineate the structural requirements for localization. Myosin II exhibits a complex

localization pattern in S2 cells (Fig. 3A) that is similar to many other cell types: during

interphase, myosin II exists both in the cytoplasm and at the cortex; during mitosis, it is

depleted from the cortex until anaphase at which point it forms cortical patches; in late

anaphase and telophase myosin II concentrates in a narrow band around the central

spindle ultimately forming the cytokinetic ring. Thus cortical localization occurs in

interphase, anaphase, and telophase, but is inhibited in early mitosis.

We expressed both the motor and tail domains in S2 cells to determine which

elements of the heavy chain are required for localization. As shown in Figure 3B, full­

length zipper transfected into S2 cells under the control of an inducible copper promoter

exhibits a localization pattern like endogenous zipper. However, the motor domain

remains in the cytoplasm throughout the cell cycle (Fig. 3C) indicating that it is not

sufficient for targeting to the interphase cortex or cleavage furrow. In contrast, the tail

domain does specify cortical localization in both of these contexts (Fig. 3D). As the tail

domain is responsible for zipper dimerization, we cannot rule out interactions with

endogenous zipper to form mixed coiled-coils as the localization mechanism of the full

tail domain based on this data alone. However, several large tail domain regions with

many heptad repeats are unable to localize (see below) suggesting that coiled-coil

interactions with endogenous zipper cannot lead to targeting of tail domain regions on

their own.
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Figure 3. Zipper localization determinants in Drosophila 52 cells. A. Localization of
endogenous zipper in 52 cells. Zipper and tubulin, visualized by anti-zipper and
anti-alpha-tubulin antibody staining, are shown in cells at different cell cycle stages.
Zipper is recruited to equatorial cortex (indicated by an arrow) and cleavage furrow
(arrowhead) at anaphase and telophase. B. Localization of transiently transfected
full-length zipper. Zipper localization is shown by anti-Hemoagglutinin (HA) epitope
antibody staining; mitotic marker is by anti-phospho-histone H3 (PH3) antibody. C.
Localization of the zipper motor domain. D. Localization of the zipper tail domain. E.
The zipper filament assembly domain (AD; amino acid residue 1849-1940) is not
recruited to the cortex. F-actin is shown by FITC-phalloidin staining to highlight the
cell cortex area. F. Expression of the assembly domain in 52 cells. The scale bar repre­
sents 3 JJm.
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The zipper filament assembly domain is not recruited to the cortex

In order to determine the elements of the tail domain required for cortical

targeting, we first examined the localization properties of the AD as it is recruited to the

cleavage furrow in Dictyostelium. Interestingly, we find that the AD (1849-1940) is

unable to be targeted to either the interphase cortex or the cytokinetic cleavage furrow in

S2 cells but instead remains in the cytoplasm throughout the cell cycle (Fig. 3E),

although it is expressed properly, as assayed by anti-HA western blotting (Fig. 3F). The

inability of the filament AD to localize indicates that either it doesn't form filaments in

the cell or AD filaments cannot target to the cortex.

Interphase cortical localization does not require the assembly domain

As the assembly domain is not recruited to the cell cortex, we examined other tail

domain regions for their ability to localize to the interphase cortex and the cytokinetic

cleavage furrow. Analysis of a series of tail domain regions reveals an interphase cortical

targeting domain (iCTD) that is almost entirely distinct from the filament assembly

domain. Whereas many tail domain regions remained in the cytoplasm, those that contain

residues 1350-1865 efficiently localized to the cell cortex during interphase (Fig. 4A).

The iCTD only partially overlaps with the AD indicating that the AD, and presumably

the ability to form filaments, is dispensable for localization to the interphase cortex.



33

•• I.

~
.

.' ,~ .
• OF ,ob/tJ

'!fi' -"
:~.~
~ ...~

.'" .0. ...

~ 0

lil lil m
lD <t lD
ro ro m.. ;i; ..
6 ....... III ..
lD III .... .. ..

55- - -.
)3-

,,-
,11,(1·11/\

0
DMSD
conlrot

Lat. A

HA-Zip1670-1065
HA ~ t-·rttln nV'fge

I ~.-\ I"~ ,r
~. 1- - -,Q ... .' ....J

30%

62%

n::: 40

14%

43%

32%

22%

70%
n = 102

57%
n =112

E

A
c=::::B&ZiR1350-166_~

57%
n=101

67%
n = 114

Figure 4. An ill1lterphase cortical-targetulI1Ig domaill1l in the zipper tail. A. The
zipper interphase cortical targeting domain (iCTO) encompasses residues
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anti-hemoagglutinin (HA) epitope antibody staining; F-actin is by FITC­
phalloidin. B. Expression of several tail domain regions as assayed by anti-HA
western blotting. Expression levels reflect the transfection efficiency of ~17%
for 1111-1969 and 1350-1969 but lower to ~9% for 1450-1969 and 1670-1969.
C. The iCTO localizes to the cytoplasm during mitosis. Transiently transfected
zipper and endogenous alpha-tubulin, visualized by GFP tag and anti-alpha­
tubulin antibody staining,are shown in cells at different cell cycle stages. O.
F-actin is not required for iCTO localization. Cells treated with latrunculin A (Lat
A) or solvent alone (OMSO), are shown with anti-HA (zipper) and FITC­
phalloidin staining. E.lnclusion of the assembly domain leads to the formation
of cortical aggregates. F. Confocal sections of the iCTO (1350-1865) and
iCTO+AO (1350-1940). The scale bar represents 3 IJm.
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Truncation of the iCTD at the NH2-terminus causes the tail domain to localize

less efficiently such that by residue 1670 it is predominantly cytoplasmic (1670-1865),

however intermediate length tail domain regions such as 1500-1865 still show partial

cortical localization (Fig. 4A) when each is transfected at ~20% efficiency and expressed

at roughly equivalent levels (Fig. 4B). The COOH-terminal iCTD boundary is more

defined such that truncation from residue 1865 to residue 1851 is sufficient to abolish

cortical localization. As large regions of the tail domain were unable to localize to the

cortex, we conclude that interaction with endogenous zipper (through mixed coiled coils)

is not sufficient to specify localization.

Although the iCTD region of the zipper tail domain efficiently localizes to the

cortex during interphase, it is not recruited to and enriched at the cleavage furrow during

cytokinesis (Fig. 4C and movie S1). Early in mitosis, the strong cortical localization of

the iCTD is lost (movie S2) and becomes predominantly cytoplasmic where it remains

until the end of cytokinesis.

A hallmark of the cell cortex is the presence of dense meshwork of F-actin below

the cell membrane. To test if cortical F-actin is required for iCTD localization, we treated

S2 cells with Latrunculin A (Lat A). As shown in Figure 4D, treatment with Lat A leads

to loss of cortical F-actin as assayed by a loss of FITC-phalloidin staining. However,

Zipper iCTD proteins are still targeted to the cortex despite the loss of F-actin. Thus, the

zipper iCTD cortical anchor is not F-actin and is not dependent on the presence of F­

actin.
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When the ability to form filaments is restored to the iCTD by adding the AD,

localization occurs predominantly to the cortex, but rather than the uniform distribution

observed with the iCTD alone, localization is in cortical patches (Fig. 4E,F). As the

patches correlate with the presence of the AD these discrete structures may result from

assembly of the tail region into filaments. In addition, they appear similar to the cortical

patches of the C. elegans heavy chain NMY-2 in the early embryo.

Cleavage furrow localization requires the filament assembly domain

We next asked what region of the tail domain is sufficient for cleavage furrow

localization as the iCTD becomes cytoplasmic during mitosis. As expected, the tail

domain fragment 1350-1940 (iCTD + AD) localizes to the cleavage furrow like the full­

length zipper during mitosis (Fig. 5A). Truncation of the zipper tail domain at the N­

terminus does not inhibit furrow-targeting ability until residue 1744 (Fig. 5E). Regions

that encompass the AD, and approximately 100 more residues (1744-1969), which

constitute a furrow-targeting domain (FTD) (Fig. 5D), efficiently localize to the cleavage

furrow during cytokinesis (Fig. 5 & movie 83). As this region lacks the complete iCTD,

it fails to target to the cortex during interphase but does form cytoplasmic aggregates,

consistent with its ability to form filaments (Fig. 5B). Interestingly, a region of the tail

that includes the FTD and the non-helical tailpiece (1744-2011) localizes to the

cytoplasm but fails to form aggregates indicating that this region may be involved in

filament assembly regulation (Fig. 5C).
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Figure 5. The zipper cleavage furrow-targeting domain. A. Selected time point of
time-lapse imaging of GFP-tagged full-length zipper 1-2011, tail domain 1350-1940
and 1744-1969. The time is shown as min:sec and zero time point is the onset of DNA
segregation (movies 53-5). B. A region of the zipper tail that includes the filament
assembly domain specifies cleavage furrow targeting. Transiently transfected zipper
1744-1969 and mitotic marker, visualized by anti-HA and anti-phospho-histone H3
(PH3) antibody staining respectively, are shown in cells at different cell cycle stages. C.
The non-helical tailpiece disrupts cytoplasmic aggregation of the cleavage furrow­
targeting domain. The tail domain region 1744-1969 forms cytoplasmic aggregates,
but the same region that also includes the non-helical tailpiece (1744-2011) does not.
Zipper tail domains and F-actin are shown with anti-HA and FITC-phalloidin staining.
D. The relative position of interphase cortical targeting domain (iCTD), assembly
domain (AD) and furrow targeting domain (FTD) locate in zipper tail region. E. Cleav­
age furrow targeting requires AD. Anaphase cellular localization of different tail
domain constructs is shown by anti-HA staining. The mitotic marker PH3 staining is
not displayed, but the spindle poles are clear in cells in lower panel. The scale bar
represents 3 fJm.
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We observed cortical puncta of fragment 1350-1940 (iCTD + AD) throughout the

cell cycle (Fig. 4E & 5A), rather than only at late metaphase and anaphase like

endogenous myosin II (Fig. 3A & 5B) either because of increased protein levels, or

misregulation due to the presence of the iCTD but lack of head and light chain binding

domains.

Discussion

Myosin II undergoes dynamic filament assembly and localization during cell

division and other processes. While the molecular mechanism of these dynamics is fairly

well understood in Dictyostelium, it is less clear in higher organisms that lack myosin

heavy chain kinase (MHCK). To contribute to our understanding of myosin II filament

assembly and localization in higher organisms, we have examined the filament assembly

and localization properties of the Drosophila non-muscle myosin II.

Filament assembly determinants

Of the greater than 1ODD-residue zipper tail domain, only a 90-residue segment is

required to assemble into oligomers that are disrupted by high salt, similar to filament

assembly domains from various organisms (11,13-15,31). The 90-residue zipper AD does

not include the non-helical tailpiece and is close to the end of coiled-coil rod (Fig. 2A).

Based on sequence comparison, the zipper AD encompasses the assembly competence

domain (AD) of sarcomeric myosin II and overlaps the second assembly competence

domain of human non-muscle myosin IIb, but is distinct from the region that is critical
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for assembly of vertebrate smooth muscle myosin II (31). There is low sequence

homology between zipper and Acanthamoeba or Dictyostelium myosin II heavy chain tail

domain beyond the presence of a heptad repeat.

Different models have been proposed to illustrate the specific domain associated

with filament assembly. Acanthamoeba myosin II heavy chain required the C-terminal 14

heptads repeats plus the tailpiece to initiate bipolar filament assembly through

hydrophobic as well as electrostatic interactions (14). The AD of Dictyostelium myosin II

heavy chain is a 35-residue region within an extended assembly domain flanked by two

regions containing alanines in core "a" and "d" heptad positions, with phosphorylation of

three threonine residues controling filament formation by folding back the tail (11,13).

The 29-residue AD of vertebrate sarcomeric myosin II has the characteristic of clustered

negatively charged residues in the center, flanked by positively charged residues on each

side (16). Negatively charged and positively charged assembly competence domains from

human non-muscle myosin lIB are located 100 residues apart, and antiparallel

electrostatic interactions between these domains are essential for filament nucleation

(15). The Drosophila zipper AD identified in this study possesses an evenly distributed

alternating charge repeat, and is necessary and sufficient to oligomerize in vitro (Fig. 2).

The lack of a consensus filament assembly model among different myosin lIs may

be due to the considerable diversity in filament properties essential for the wide range of

cellular activities within various cell types. However, investigation of the interaction

between identified assembly domains and other interacting sites should reveal the general

principles of filament assembly. The zipper tail domain possesses an alternating charge



39

repeat that is thought to be important for filament assembly. This charge repeat is more

evenly distributed in the AD than the rest of the tail, which fails to assemble into

filaments (Fig. 2C). We are currently undertaking a mutational analysis to test the

importance of the charge repeat in filament stability.

Localization determinants

We have found that interphase and mitotic cortical localization in S2 cells require

distinct tail domain elements. In interphase S2 cells, myosin II partitions between cortical

and cytoplasmic pools, but the targeting domain that we have identified (iCTD) is biased

towards cortical localization (Fig. 3A,B & 4A,C). This suggests that cortical targeting is

regulated during interphase. The iCTD does not contain the filament AD so we expect

that it does not form filaments in the cell. Thus, at least one mode of interphase cortical

targeting utilizes a mechanism that does not require filament assembly. However, when

the iCTD is combined with the filament AD, the localization becomes punctate rather

than the even distribution observed with the iCTD alone (Fig. 4A,F). It has been observed

that deletion of the AD of a-cardiac MYH expressed in COS cells abolished the

formation of a needle-shaped structure (16). Surprisingly, inclusion of the non-helical

tailpiece causes this punctate localization to be lost, although we observed no effect of

the tailpiece on the in vitro filament assembly characteristics (Fig. IB & 5C). If punctate

localization represents filament assembly, which is supported by the correlation of

punctate localization with the presence of the AD, then the tailpiece may be involved in

regulating filament assembly.
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Myosin II localization becomes very dynamic during mitosis, and these dynamics

appear to be important for function. For example, photobleaching experiments in

Dictyostelium have shown that myosin II dynamically cycles between the cytoplasm and

furrow, and that this cycling requires filament assembly and disassembly (34). In S2 cells

myosin II is highly regulated (35) and is not detected on the cortex early in mitosis, but

forms dynamic cortical aggregates at the metaphase to anaphase transition and ultimately

forms a concentrated band around the central spindle that becomes the cleavage furrow

(Fig. 3A & 5A). The initial recruitment of myosin II to the F-actin rich equatorial cortex

requires myosin regulatory light chain phosphorylation through Rhol signaling (35, 36).

Since the recruitment of myosin to the equatorial cortex during mitosis is independent of

F-actin, it is likely that the role ofregulatory light chain is to regulate myosin II filament

assembly rather than its actin-dependent ATPase activity. Our data shows that non­

muscle myosin II filament formation is essential for cleavage furrow localization and

requires the zipper AD, but localization to the interphase actin cortex is independent of

filament assembly (Fig. 4 & 5). Consistent with this, the AD of vertebrate smooth muscle

and human non-muscle myosin IIa is required for furrow localization in COS cells (31).

Surprisingly the minimum filament AD (1849-1940) that forms filaments in vitro

fails to localize to the cortex at any stage of the cell cycle (Fig. 3E). However, a slightly

larger region (1744-1969), the furrow-targeting domain (FTD), efficiently localizes to the

cleavage furrow (Fig. 5A,B). It is unlikely that these tail fragments localize to the

cleavage furrow through mixed coiled-coils with endogenous myosin since several long

tail domain fragments including the iCTD were not recruited to the cleavage furrow.
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However, based on our data, we cannot rule out the possibility that these tail fragments

are recruited to the cleavage furrow through oligomerization with endogenous myosin II.

What is the cortical anchor that recruits myosin II? Few proteins have been

identified that bind the heavy chain tail domain. Possible cortical anchors include

membrane phospholipids as the tail domain of mammalian non-muscle myosin lIs have

been shown to bind phosphatidyl serine containing liposomes (37). Another candidate is

the tumor suppressor Lethal (2) giant larvae (Lgl), which binds the myosin II tail domain

and is cortically associated with the cytoskeleton (38). Given that we have observed

different requirements for interphase and mitotic cortical localization, it is likely that

cortical recruitment in these two contexts utilizes distinct anchoring mechanisms. Future

work will be directed at the identification of the cortical anchoring factors, and possible

filament regulatory mechanisms. The reagents described here should be useful in this

regard.

Materials and methods

Molecular cloning, protein expression andpurification

Zipper regions were subcloned using a plasmid containing the full-length Zipper

B sequence that was kindly provided by Dan Kiehart (19). Zipper regions were expressed

in E. coli using the pET-19b derivative pBH which places a hexahistidine purification tag

followed by a tobacco etch virus (TEV) protease cleavage site at the NHz-terminus of the

expressed protein (30). Hexahistidine fusion proteins were purified using Ni-NTA resin

and standard protocols. Ion-exchange chromatography was used to further purify proteins
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if necessary. Purified proteins were dialyzed extensively against salt-free buffer (l0 mM

Tris, pH 8.0; 1 mM DTT; 1 mM EDTA) at 4°C. Purity was established using SDS-PAGE

and/or MALDI-TOF mass spectrometry.

Assembly assays

For the solubility assay, we incubated zipper tail regions at 20 ~M at a range of

salt concentrations in 10 mM Tris, pH 8.0; 1 mM DTT; 1 mM EDTA for 30 minutes at

4°C followed by centrifugation at 100,000 x g for 30 minutes. We then separated the

soluble and insoluble phases and loaded equal volumes for analysis by SDS-PAGE. We

used ImageJ (NIH) to determine relative protein amounts from scanned, coomassie

brilliant blue stained gels.

For the fluorescence resonance energy transfer (FRET) assay, we expressed and

purified CFP and YFP NH2-terminal zipper fusions separately and mixed them in equal

molar proportions to a total fluorescent protein-zipper fusion concentration of 20 JlM. We

then acquired fluorescence emission spectra at a range of salt concentrations on an ISS

PCl spectrofluorometer with an excitation wavelength of 433 nm and a slit width of 0.5

nm. The sample temperature was maintained at 20°C using a circulating water bath.

Cell culture and transfection

We transiently transfected Drosophila S2 cells grown in Schneider's insect

medium supplemented with 10% fetal bovine serum with the pMT/V5-HisA vector

(Invitrogen) containing hemagglutin (HA) or enhanced green fluorescent protein (EGFP)



43

NHz-terminal fusions to zipper regions. The Drosophila embryo derived Schneider cell

line (S2) was maintained in Schneider's insect medium supplemented with 10% heat­

inactivated fetal bovine serum at room temperature. For transient expression of zipper

fragments, between 1 and 3.5 million cells at fast growing stage were transfected with 0.8

ug of plasmid DNA using Effectene reagent (Qiagen) in 6-well plate. After 16 hours

recovery cells were induced with 0.5 mM CUS04 for 16-24 hours and subject to detecting

proteins expression by Western blot or fixing and immunofluorescence staining.

Immunofluorescence and imaging

To determine localization of endogenous and ectopic Zipper, S2 cells were settled

down on No.1.5 coverslip and fixed with 4% paraformaldehye for 10 minutes. After

fixing, cells were permeabilized and blocked in blocking solution (IX PBS, 0.1 % Triton­

X, 1% BSA, 10 mM Glycine and 0.02% NaN3), followed by incubations with primary

and then secondary antibodies diluted in the blocking solution. Phalloidin-FITC

(Invitrogen-Molecular Probes) was added to stain F-actin. All procedures were performed

at room temperature. The stained cells were mounted in Vectashield with DAPI (Vector

Laboratories). For drug treatment, cells were transferred to medium containing 20 uM

Latrunculin A (Sigma) or the parallel DMSO control for 30 minutes before fixation. The

primary antibodies used include rabbit polyclonal anti-Zipper (raised against a.a. 1670­

1851) at 1:2500, anti-phosphohistone H3 (Upstate) at 1:500, mouse monoclonal anti-HA

(Covance) at 1:1000 and anti-u-tubulin (DMIA, Sigma-Aldrich) at 1:500. The secondary

antibodies used include goat anti-rabbit IgG-Cy3, donkey anti-mouse IgG-Cy3 (Jackson
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ImmunoResearch) and goat ant-rabbit IgG-AlexaFlu0594 (Invitrogen-Molecular Probes).

Images were taken using a Nikon D-Eclipse C1 inverted confocal microscope using

either a 40X air or 60X oil immersion objective.

Time-lapse imaging

For following localization of GFP tagged zipper tail domain, transfected 82 cells

were imaged using a Perkin Elmer spinning disk confocal mounting on a Nikon Eclipse

TE2000-U inverted microscope. A 60X oil immersion objective was used to collect 3-5 z

steps at 1 [-tm intervals every 15-60 seconds using Metamorph software. All data were

processed by Image J and reconstructed into Quicktime movies.

Bridge to Chapter III

Chapter II discussed the identification of subdomains within the Drosophila non­

muscle myosin II, zipper, coiled-coil tail domain that mediates distinct functions of this

domain. A 90-residue region (1849-1940) of the tail domain was found to be necessary

and sufficient for filament formation. Another region (1350-1865) mediates localization

of zipper to the interphase cortex. However, a distinct domain (1744-1969) mediates the

targeting of zipper to the cleavage furrow during cytokinesis. The ability of zipper to

form filaments is thought to be important for targeting to the cleavage furrow. Thus, its

not surprising that this furrow targeting domain encompasses the assembly domain. It is

unclear how assembly domains interact to form filaments. Chapter III will go on to

discuss the role of assembly domains in tail-tail interactions during filament assembly.
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CHAPTER III

MECHANISM OF ASSElVIBLY DOMAIN MEDIATED TAIL-TAIL

INTERACTIONS IN NON-MUSCLE MYOSIN II FILAMENT ASSEMBLY

The testing of mutant zipper fragments was carried out by a number of lab

members, including Natasha Fewkes, Ryan Frei, and myself. Natasha Fewkes and Ryan

Frei contributed substantially to this work by verifying results collected for several

mutant zipper fragments. I was the primary contributor to the testing of the ability of

mutant zipper fragments to form filaments in vitro.

Introduction

Myosin is a superfamily of actin-based molecular motors that convert the

chemical energy of ATP hydrolysis into mechanical work. Myosin II or conventional

myosin, one of the best-studied members of the superfamily, is unique in its ability to

generate contractile forces that are important for processes such as muscle movement. In

non-muscle cells, dynamic myosin II activity is important for regulating cell shape,

cortical rigidity, cell migration, and cytokinesis (Young et ai., 1993; Shelden and Knecht,

1996; Hickson et aI., 2006; Martens and Radmacher, 2008; Pollard, 1981; Ridley et aI.,

2001; Glotzer, 2005; Robinson and Spudich, 2004). Although myosin IIs contain an actin
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binding motor domain that is very similar to other myosins, its ability to generate

contractile forces arises from the assembly of individual myosin II monomers into bipolar

filaments with the motor domains arranged in opposite orientations (such that actin

filaments are moved in opposite directions by the set of heads at each end).

Myosin II molecules are hexamers containing two heavy chains, two essential

light chains, and two regulatory light chains. The myosin heavy chain is comprised of a

head region (actin binding, ATPase, force generation), a neck region (light chain

binding), and a large coiled-coil tail domain that mediates both dimerization of the heavy

chains and is sufficient for bipolar filament assembly (Lowey et aI., 1969). Spontaneous

and rapid filament assembly of the tail domain suggests that all the information needed to

form this important cellular structure is contained within the tail itself. Assembly of

myosin molecules into bipolar filaments is salt dependent, which is consistent with

electrostatic interactions between tail domains being the principle driving force for

filament assembly. The sequence of the tail domain reveals a heptad repeat that is

characteristic of coiled-coils, and a 28 residue charge repeat with alternating zones of

negatively and positively charged residues that is thought to be important for the packing

of the tail domains into the filament backbone (Parry, 1981; McLachlan and Karn, 1982;

Atkinson and Stewart, 1992). Indeed the widely reported molecular staggers of

approximately 14.3 nm and 43 nm found in filaments from various myosin isoforms

correspond to favorable overlaps of this charge repeat (Lowey et aI., 1969; Kendrick­

Jones et aI., 1971; Niederman and Pollard, 1975; Trybus and Lowey 1984; Trybus and

Lowey, 1987; Cross et aI., 1991; Atkinson and Stewart, 1992).
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Despite the conserved charge repeat along the entire tail, most tail segments are

not competent to form filaments. In all myosin II isoforms studied, a small region of the

tail domain (assembly domain), usually near the C-terminus, is required and often

sufficient for filament assembly (Nakasawa et aI., 2005; Sohn et aI., 1997; Nyitray et aI.,

1983; Cross and Vandekerckhove, 1986; Atkinson and Stewart, 1991; Cohen and Parry

1998; Ikebe et aI., 2001; Rosenburg et aI., 2008; Liu et aI., 2008). Assembly domains are

unique due to an even charge distribution and an overall more positive charge than the

rest of the tail (Rosenberg et aI., 2008; Liu et aI., 2008). Our understanding of how

assembly domains interact to form filaments is relatively advanced in Dictyostelium and

Acanthamoeba (O'Halloran et aI., 1990; Lee et aI., 1994 Hostetter et aI., 2004; Shoffner

and De Lozanne, 1996; Sinard et aI., 1989; Sinard et aI., 1990; Turbedsky and Pollard,

2005). However, these protozoan myosins have little sequence homology to invertebrate

and vertebrate myosins (Hodge and Cope, 2000; Liu et aI., 2008). Nakasawa et aI.

recently proposed an interesting structural model for binary parallel and anti-parallel

interactions of short C-terminal fragments. In this model positively charged residues in a

region that corresponds to an assembly domain interacts with negatively charged residues

upstream, forming a second complementary assembly domain (Nakasawa et aI., 2005).

However, the precise residues within the assembly domain that are required for filament

formation have not been identified for any myosin II. Such information would indicate

the tail-tail interactions that are critical for assembly, which could lead to a complete

structural model of the filament, as the base structure of individual monomers is known

to be a coiled-coil.
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We previously identified the filament assembly domain (1849-1940) of

Drosophila non-muscle myosin II heavy chain, zipper. Here we have undertaken a

comprehensive mutagenesis study of the zipper assembly domain to identify residues

required for filament assembly. We have combined the results of these experiments with

electrostatic calculations of the tail domain to determine how assembly domains interact,

identify critical interactions in important binary tail-tail interactions, and explain the

multiplicity of interactions that occur in a myosin bipolar filament. Based on these studies

we propose a model in which multiple stable overlaps of the tail are possible. These

overlaps are determined by the position of a specific positively charged region within the

assembly domain relative to the interacting filament. By examining which of these

overlaps are possible within the context of a minifilament, we have been able to construct

a three-dimensional structural model of the non-muscle myosin bipolar minifilament that,

to our knowledge, is consistent with all physical observations and provides a framework

for understanding the detailed mechanism by which this contractile force-generating

machine is constructed.

Results

Identification ofassembly domain elements critical for filament assembly

We previously identified a 90-residue region (1849-1940) of the Drosophila non­

muscle myosin II tail domain that was both necessary and sufficient for filament

assembly (Liu et aI., 2008). The length of the assembly domain (AD) corresponds to

approximately one superhelical coiled-coil turn and we hypothesized that shorter
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segments may have unstable coiled-coils. Thus, regions within the assembly domain may

only serve to stabilize the coiled-coil dimer and not contribute significantly to tail-tail

interactions.

To determine if the entire assembly domain (AD) is required for filament

assembly we made several tail domain constructs that lack short sections of the assembly

domain but in the context of a larger tail fragment (1744-2011) that forms robust coiled­

coils (Liu et aI., 2008). We deleted regions of the assembly domain, with windows of 28

residues to preserve the heptad repeat and the 28-residue charge repeat, to narrow down

specific sequences that are critical for filament formation (Figure 1A). We tested these

tail domain fragments that form coiled-coils but lack portions of the assembly domain for

their ability to form filaments using a salt-dependent filament assembly assay that

exploits the fact that filaments and paracrystals sediment upon centrifugation, but

unassembled coiled-coil dimers remain soluble (Hostetter et aI., 2004; Liu et aI., 2008).

For these experiments we used proteins containing fluorescent protein "heads" that

restore the bipolar filament nature of assembled tail fragments, but do not occlude

filament formation of fragments of this length (Hostetter et aI., 2004; Liu et aI., 2008)

(Figure 1, B and C). For the tail fragment 1744-2011, filament formation is highly salt

dependent, only assembling at intermediate salt concentrations (Figure 1, B and C).

Deletion of the first 1/3 ofthe assembly domain (1'11850-1877) does not alter the ability

of this fragment to sediment in a salt-dependent manner. Deletion of residues (1913­

1940), which corresponds to the sarcomeric myosin assembly competence domain (Sohn

et aI., 1997) and most of the second assembly competence domain of human non-muscle
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myosin IIb (Nakasawa et aI., 2005), resulted in solubility throughout the salt

concentration range, indicating a loss of filament assembly. Also, deletion ofa segment

upstream (1878-1905) completely disrupted filament assembly (Figure 1, B and C).

It has been suggested that a region c-terminal to the assembly domain could be

important for filament formation (Ikebe et aI., 2001). We found that c-terminal

truncation up to the assembly domain does not greatly disrupt filament assembly (Figure

1, B and C). However, the salt-dependent characteristics of filament assembly are

slightly altered, such that at physiological salt concentrations, few filaments would form

(Figure 1, B and C). Thus, it appears the C-terminal 2/3 ofthe assembly domain (1878­

1940) appears to be critical for filament assembly whereas the remainder is dispensable.

Interestingly, this region corresponds to conserved assembly domains discovered in

previous studies, suggesting that the assembly domain function in the formation of

different types of filaments is conserved across myosin II isoforms and species (Figure

1D)(Sohn et aI., 1997; Nakasawa et aI., 2005; Ikebe et aI., 2001).

Although the entire tail domain displays a repeating charge pattern, it displays an

overall negative charge (Liu et aI., 2008). Rosenburg et aI. found that the entire C­

terminal segment of human non-muscle myosin IIb tail, that displayed a net positive

charge, was necessary for filament assembly (Rosenburg et aI., 2008). Similarly, we

have identified a sub-region within the assembly domain of Drosophila non-muscle

myosin that occurs in the most positively charged region of the tail domain. This

supports the idea that the unique charge profile of this segment of the tail is important for

filament assembly.
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Identification ofresidues critical for bipolar filament assembly

The assembly domain has been identified in a large number of myosin tail

domains from a variety of organisms (Nakasawa et al., 2005; Sohn et al., 1997; Nyitray et

al., 1983; Cross and Vandekerckhove, 1986; Atkinson and Stewart, 1991; Cohen and

Parry 1998; Ikebe et al., 2001; Rosenburg et al., 2008; Liu et al., 2008; O'Halloran et al.,

1990; Lee et al., 1994 Hostetter et al., 2004; Shoffner and De Lozanne, 1996; Sinard et

al., 1989; Sinard et al., 1990; Turbedsky and Pollard, 2005). However, our understanding

of how tail domains interact with one another to form highly ordered assemblies is

rudimentary. To better understand the interactions of these unique tail fragments, we

decided to define the determinants of filament assembly down to the amino acid level.

To do this we used site-directed mutagenesis to reverse the charge of individual or

clusters of residues within the previously described tail fragment (1744-2011) that

robustly forms filaments in vitro.

Like other coiled-coils, the tail domain contains a heptad repeat pattern of

residues (a, b, c, d, e, f, g). Residues in the a and d positions of the amphipathic a-helices

constitute a buried hydrophobic seam that forms the dimer interface (Figure 2A). The

rest of the positions are generally polar or charged, and likely form interaction surfaces

that are utilized during filament assembly (Figure 2, A and B). It is thought that residues

in the e and g positions stabilize the coiled-coil through electrostatic interactions (Lupas,

1996; Burkhard et al., 2001), thus we have mostly focused on the remaining b, c, and f

positions for site-directed mutagenesis (Figure 2B). It should be noted however, that

given the multitude of interactions a tail must make within a filament, the e and g
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positions also likely participate in tail-tail interactions. Predicting the heptad repeat

positions that each residue occupies is important for our directed mutagenesis strategy

(Figure 2B). One prediction places a number of charged residues in core a and d positions

of this myosin II tail fragment, which has also been observed in other long parallel two­

stranded coiled-coil containing proteins, cortexillin I and tropomyosin (Burkhard et al.,

2000; McLachlan and Stewart, 1975). In support of this prediction, no skip residues have

been predicted or identified within the assembly domain (Offer et al., 1990; Straussman

et al., 2005). Fortunately, coiled-coil prediction that places skips in the heptad repeat to

avoid charged residues in core positions does not significantly alter the identity of

residues in the b, c, and f positions, thus we are confident in the identification of potential

interacting residues (Figure 2B). Since tail domains bind through electrostatic

interactions, we reversed the charge of residues at these positions to potentially disrupt

filament assembly.

We tested the ability of 1744-2011 WT and various mutants to form filaments

using the salt-dependent filament assembly assay previously described (Figure 2, C-G).

The concentration of myosin or tail fragment it takes to begin to form filaments is called

the critical concentration for polymerization. The critical concentration for WT tail

fragments is very low. As the tail-tail interactions are weakened, by alteration of the

electrostatic pattern of the tail, the critical concentration becomes higher. By using a

concentration of 1744-2011 that was several-fold higher than the critical concentration,

we were able to classify charge mutations based on their ability to form filaments in a

salt-dependent fashion as well as the degree of the disruption (Figure 2, C-G).
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Figure 7. Identification of residues that are important for zipper
filament assembly. A, Model of the coiled-coil folding motif, with spatial
organization of residues within the heptad repeat. Adapted from 'I D7M
(Burkhard et aI., 2000). B, Prediction of amino acid identities of heptad
repeat positions within the coiled-coil tail fragment-1744-2011. b, c and f
positions of the heptad repeat are in spatial locations available for tail-tail
interactions, and are targeted for site-directed mutagenesis. (, Pelleting
assay for mutation-containing tail fragments. Examples of wild-type and
mutations that have no effect, intermediate effect and strong effects on the
ability to form filaments are shown. D-G, Quantification of solubility proper­
ties of mutation-containing tail fragments organized by location of muta­
tion in distinct tail regions. Error bars represent S.D. from three independent
measurements. H, Schematic of the location, within the charge repeat
structure of 1744-2011, of mutations that disrupt filament assembly.
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Mutations were made throughout the region previously tested with deletion

analysis. With the exception of RR1967,68EE, all mutations that significantly disrupted

filament assembly occurred within the last 2/3 of the assembly domain (1878-1940),

which was identified as important in the previous section (Figure 2, E and F). The

RR1967,68EE mutation likely makes an energetically costly electrostatic clash within the

filament, though these residues are dispensable for filament assembly (Figure 1, Band

C). Most of the mutations that disrupt filament assembly cluster within a 15-residue

segment (1880-1894) that has an overall positive charge (Figure 1A and 2E). We

confirmed that alteration of residues that disrupted filament assembly did not prevent

coiled-coil formation by examining the circular dichroism spectra (data not shown).

Role a/negatively charged residues in bipolarfilament assembly

The electrostatic interaction of positively charged residues with negatively

charged residues provides the energy that causes myosin molecules to spontaneously and

rapidly assemble into bipolar filaments with tightly packed tail domains in the filament

backbone. It is not surprising that mutation or deletion of positively charged residues and

regions disrupts filament assembly since the concentration of positive charge is the

unique feature of the assembly domain. However, negatively charged residues that are

complementary to these critical regions are necessary to accomplish filament assembly.

To better understand how the critical positively charged residues are contributing

to important binary tail-tail interactions we made a structural model of the 1744-1968-tail

fragment. There is no structural information for the folding of the non-helical tailpiece;
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therefore we omitted it from our model for simplicity. Despite structural similarities, we

could not base our model on the structure of tropomyosin, due to the bending of the

coiled-coil that allows it to wind around the actin helix (Brown et aI., 2001). Instead, we

used a coiled-coil segment derived from the structure of the parallel two-stranded coiled­

coil trigger site of the actin crosslinker cortexillin I from Dictyostelium discoideum to

build a coiled-coil backbone (Burkhard et aI., 2000; 1D7M). This coiled-coil structure

can yield a subunit that can be repeated to build a long, straight coiled-coil backbone

(Figure 2A). We then used a mutate function to change the sequence to the 1744-1968

fragment with residues in their appropriate heptad positions and energy-minimized the

sidechains (Figure 3A). A skip residue was removed from the sequence prior to mutating

to keep the heptad repeat in register (Offer et aI., 1990; Straussman et aI., 2005).

The energy of electrostatic contacts between two interacting fragments at a

center-center spacing of 20A (Niederman and Pollard, 1975) was calculated using the

Poisson-Boltzmann equation. The energy of binary electrostatic interactions was

calculated from completely overlapped to non-overlapped molecules in sA increments,

with sidechain positions energy-minimized at each increment (Figure 3B). The resulting

energy profile was normalized against positions of the two tails not interacting in solution

to render the excess energy of interaction. The energy of interaction between two tails

displays an oscillatory pattern resulting from alternating favorable and non-favorable

overlaps of the 28-residue charge repeat (Figure 3B). In both orientations, tail-tail

interactions are particularly favorable at certain molecular staggers. In contrast to the

parallel orientation, anti-parallel tails display unique interactions as the tails are offset in
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two different directions. The anti-parallel interaction is characterized by one favorable

overlap, and several less stable alternative overlaps (Figure 3B). The parallel interaction

is also characterized by one favorable stagger, and a couple ofless stable alternative

staggers (Figure 3B). The most favorable parallel and anti-parallel offsets is close to the

observed 14.3nm and 43nm molecular staggers reported in electron microscopy studies of

myosin II (Figure 3, Band C)(Lowey et aI., 1969; Kendrick-Jones et aI., 1971;

Niederman and Pollard, 1975; Trybus and Lowey 1984; Trybus and Lowey, 1987; Cross

et aI., 1991; Atkinson and Stewart, 1992).

Interestingly, in both the most favorable parallel and anti-parallel interacting

staggers, assembly domains do not interact with each other (Figure 3C). Instead, the

assembly domain makes contact with a conserved negatively charged segment upstream

in the tail domain, reminiscent of the model for tail domain interaction proposed by

Nakasawa et aI., 2005. Though the parallel offset we describe here is nearly identical to

this model, the anti-parallel overlap is shifted by several nanometers (Figure

3C)(Nakasawa et aI., 2005). When truncated, the assembly domain alone must self­

interact to form filaments using one or more of the less stable alternative overlaps. This

could explain our inability to identify negatively charged residues within the assembly

domain that are critical for filament assembly.
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A conserved negative charge region upstream of the assembly domain was

previously found to be important for filament formation (Nakasawa et aI., 2005). In

contrast, we found that a tail fragment (1800-2011), that is missing the complementary,

negatively charged region, is still able to form filaments (Figure 4A). Mutation of either

of the negatively charged residue clusters (1749-1750; 1780-1792) also had no effect on

filament assembly (Figure 4A). This is consistent with the assembly domain being

sufficient for filament assembly. Electrostatic calculations suggest that multiple

negatively charged residue clusters could form alternative complementary interaction

surfaces to the critical, positively charged regions identified within the assembly domain.

Thus, we investigated the structure of a tail fragment containing a mutation in one of the

negatively charged regions (Figure 4B).

Like full-length myosin II, tail fragments form ordered aggregates with repeats of

14.3 nm and 43 11m in low-salt buffers (Lowey et aI., 1969; Bennett, 1981). Native tail­

tail interactions are important for paracrystal formation and packing (Bennett, 1981;

Chowrashi and Pepe, 1977). Unfortunately, paracrystals formed by 1744-2011 WT did

not grow large, uniform paracrystals (data not shown). The length of the tail fragment

impacts its ability to form large, ordered paracrystals (Sohn et aI., 1997). Thus we

analyzed mutants in the context of a larger fragment (1550-2011) that forms large,

ordered paracrystals (Figure 4B). The wild type tail fragment formed paracrystals with a

uniform 14.3 11m periodicity (Figure 4B). Tail fragment containing mutations in the n­

terminal negative charge region (DEE1749, 50, 53KKK) formed large aggregates

robustly (Figure 4A), but the aggregates were not well ordered like wild type (Figure 4B).
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The tangled paracrystalline structures formed by this mutant displayed an altered

periodicity of approximately 45 run, suggesting that the mutation altered molecular

packing of tail fragments, but did not disrupt assembly (Figure 4B).

Electrostatic calculations suggested that the critical, positively charged region

(1880-1894) interacts with a negatively charged upstream region (1780-1792) in both the

parallel and anti-parallel oriented interactions, albeit with different residue contacts in

each orientation (Figure 3C). Also, another positively charged residue (RI912E) contacts

a second negative charge region (1749-1753) in the anti-parallel oriented interaction, but

doesn't seem to make a significant electrostatic contact in the parallel oriented interaction

(Figure 3C). To confirm these contacts, deleterious mutations within the assembly

domain were complemented with oppositely charged mutations in the upstream

interacting elements. Mutation of negatively charged residues 1749, 50, 53 to positive

residues, completely complemented the mutation of R1912 to a negative residue (Figure

4C). Since these residues only contact each other in the anti-parallel orientation, it seems

that the deleterious effect of mutating R1912 occurs during anti-parallel interactions,

which likely inhibits filament nucleation (Cross et aI., 1991). Interestingly, two types of

paracrystalline structures are formed by this double mutant tail fragment (Figure 4D).

Both large well-ordered paracrystals displaying a uniform 14.3 periodicity, and tangled

paracrystals displaying the altered 45 nm periodicity are observed at low salt (Figure 4D).

This suggest that co-mutation of these residues can restore wild-type molecular packing,

but that this packing is less stable, leading to a distribution of different molecular

arrangements.
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K1887 makes important contacts in both the parallel (E1784, E1785) and anti­

parallel (E1781, E1782, and potentially E1784) interactions of tail domains. Mutation of

K1887 completely disrupts filament assembly, but co-mutation of residues involved in

the parallel interaction partially restores filament assembly (Figure 4E). Co-mutation of

anti-parallel interacting residues (E1781, E1782, and potentially E1784) with K1887

leads to greater complementation (Figure 3E). Interestingly, co-mutation of upstream

residues with another inhibiting mutation (R1883, K1884) does not restore filament

assembly (Figure 3F). Perhaps both parallel and anti-parallel interacting residues must be

mutated to a complementary charge to restore filament assembly. Another possibility is

that two mutated residues (R1883, K1884) are harder to complement due to a larger

interaction surface that is disrupted. Taken together, these results suggest that we have

accurately predicted the contacts made between two tail fragments in the binary parallel

and anti-parallel interactions.

Role o/binary tail-tail interactions in the/ormation o/bipolar minifilaments

We have described two important binary tail-tail interactions, oriented in a

parallel and anti-parallel fashion, and the role of the assembly domain in mediating these

interactions. However, it is still unknown how inter-tail domain interactions are

organized into a bipolar minifilament structure. Also, it is likely that there are multiple

interactions with neighboring molecules that occur within the native minifilament. Thus

we extended our structural model to the entire tail domain (1111-1968), which must pack

tightly into the bipolar filament backbone. We used the same method as before to extend
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our coiled-coil structural model to represent the full-length tail domain with skip residues

removed to keep the heptad repeat in register (Figure SA).

Electrostatic interaction between entire tail domains was carried out as described

above. The electrostatic interaction of two full-length tail domains displays some similar

features to that described for the shorter tail fragment 1744-1968 (Figure S, Band C;

Figure 3B). The energy of interaction oscillates according to the previously described 28­

residue charge repeat (Figure S, Band C)(Parry, 1981; McLachlan and Karn, 1982;

Atkinson and Stewart, 1992). In addition to this 28-residue oscillation, there appears to be

a longer periodicity present of approximately 286A in both parallel and anti-parallel

orientations (Figure S, B and C). This longer periodicity has previously been suggested to

be important for filament formation (Straussman et aI., 200S), and would favor parallel

and anti-parallel molecular staggers of odd multiples of 143A, which have been observed

in filaments and paracrystals (Lowey et aI., 1969; Kendrick-Jones et aI., 1971; Niederman

and Pollard, 1975; Trybus and Lowey 1984; Trybus and Lowey, 1987; Cross et aI., 1991;

Atkinson and Stewart, 1992). Similar to the tail fragment 1744-1968, one particularly

favorable anti-parallel overlap of approximately 39SA is present with other less favorable

alternative overlaps (Figure SB).

In contrast, calculation of the interaction of parallel tail domains is remarkably

different than the shorter tail fragment (Figure 3B; Figure SC). It appears that the

interaction of parallel full-length tails is generally unfavorable, though energy minima are

observed at regular intervals (Figure SC). Significant parallel packing of tail domains has

been observed in myosin II filaments (Niederman and Pollard, 1975, Woodhead et a.,
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2005; Zoghbi et aI., 2008). Within the head-zones there is exclusively parallel packing of

molecules with a 14.3nm axial stagger and a 43nm helical repeat observed in many

myosin lIs (Craig and Woodhead, 2006) that corresponds to electrostatic interaction

energy minima (Figure 5C). In the shorter tail fragment 1744-1968, parallel interactions

are energetically favorable (Figure 3B). One possible explanation is that interactions

involving the n-terminal portion of the tail domain are less favorable than the c-terminal

portion. It has been suggested that parallel interactions are less stable than anti-parallel

interactions, which causes "flaring" of the head regions away from the filament backbone

in smooth muscle myosin II (Cross et aI., 1991). Taken together, these results explain the

unique role of the tail domain c-terminus in filament formation.

These electrostatic calculations lead to certain implications for molecular packing

within the non-muscle myosin II bipolar minifilament. Our results are consistent with

anti-parallel interactions being the most stable type of interaction within the filament, and

likely serves as the principal driving force for filament nucleation and elongation (Figure

5B)(Cross et aI., 1991). The prevailing non-muscle myosin II bipolar minifilament model

explained the geometry of the filament by suggesting that multiple anti-parallel overlaps

led to the progressive shortening of anti-parallel dimers within the filament (Figure 5D).

This leads to the observed lengths of head-zones, bare-zones, and the 14.3nm axial

staggers of myosin heads in the filament (Niederman and Pollard, 1975). Our results

show that there is one preferred favorable anti-parallel interaction that is close to the

widely reported anti-parallel overlap in other myosin lIs (Kendrick-Jones et aI., 1971;

Onishi and Wakabayashi, 1984; Barylko et aI., 1989; Trybus and Lowey, 1987).
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A filament model with one stable anti-parallel dimer that is translated along the

filament to yield the staggered myosin heads in the filament would better fit our results

(Figure 5, B and C). However, to generate a minifilament with 28 molecules with the

reported lengths of head-zones, bare-zones, and axial head staggers, with one stable anti­

parallel overlap, would require that overlap to be approximately 80nm (Figure

5E)(Niederman and Pollard, 1975). An anti-parallel overlap of this length is

electrostatically unfavorable (Figure 5B). An anti-parallel overlap of approximately 40nm

would yield a bipolar filament with a bare-zone of 1.5 times longer, head-zones 0.5

shorter, and 16 molecules per filament (Figure 5E). Zipper forms filaments with this

geometry and approximate number of monomers (Kiehart and Feghali, 1986).

Discussion

Non-muscle myosin II dynamically assembles into bipolar minifilaments and

associates with actin to produce contractile forces necessary for processes such as

cytokinesis (Robinson and Spudich, 2004). The mechanisms of filament assembly are

relatively well understood for myosin II from protozoa (O'Halloran et aI., 1990; Lee et

aI., 1994 Hostetter et aI., 2004; Shoffner and De Lozanne, 1996; Sinard et aI., 1989;

Sinard et aI., 1990; Turbedsky and Pollard, 2005), but it remains unclear how myosin II

assembles into force-generating filaments in higher eukaryotes. To date, assembly

domains have been identified within the c-terminus of the tail domain in myosin II from a

variety of higher organisms (Figure 1D)(Nyitray et aI., 1983; Cross and Vandekerckhove,

1986; Atkinson and Stewart, 1991; Sohn et aI., 1997; Cohen and Parry 1998; Ikebe et aI.,
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2001; Nakasawa et aI., 2005; Rosenburg et aI., 2008; Liu et aI., 2008). However, the

precise role of assembly domains in the formation of bipolar minifilaments has yet to be

defined. In this study, we examined the role of the Drosophila non-muscle myosin II

assembly domain in mediating tail-tail interactions, and how these interactions lead to the

assembly of the bipolar minifilament.

Defining the critical elements within the assembly domain that are necessary for filament

assembly

In order to understand the function of the assembly domain, we identified

elements within the assembly domain that were indispensable for filament formation. The

assembly domain of Drosophila non-muscle myosin II, zipper, was identified as a short

tail fragment (1849-1940) that was necessary and sufficient for filament assembly (Liu et

aI., 2008). We found that the last 2/3 of the assembly domain contain sequences that are

indispensable for filament assembly (Figure 1). This subregion within the zipper

assembly domain overlaps with assembly competence domains previously described

(Figure 1D)(Sohn et aI., 1997; Nakasawa et aI., 2005). However, we did not find the c­

terminal 28 residues of the coiled-coil tailor the non-helical tailpiece to be important for

filament assembly as previously suggested (Figure 1)(Ikebe et aI., 2001; Hodge et aI.,

1992). This is consistent with our previous findings that regions outside the assembly

domain are dispensable for filament assembly (Liu et aI., 2008). Alignment of the 1744­

2011-tail fragment with comparable regions in other myosin lIs shows a remarkable

amount of sequence conservation, beyond the conservation of the heptad repeat for
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coiled-coil folding (Figure ID). The larger tail domain is also highly conserved,

suggesting that conservation may be important for generating the stereotypical molecular

staggers observed in different types of myosin II filaments (Niederman and Pollard,

1975; Trybus and Lowey 1984; Trybus and Lowey, 1987; Cross et aI., 1991).

Unfortunately, widespread sequence conservation is not useful for wlderstanding the

functional elements of the assembly domain that are important for filament assembly.

We further characterized critical assembly elements, down to the amino acid

level, using site directed mutagenesis to alter the charge of clusters and single residues

that occur in positions that could make inter-tail domain contacts during filament

assembly (Figure 2). Consistent with previous work, we only found positively charged

regions that were critical for filament assembly (Figure 2)(Rosenburg et aI., 2008). This

supports the idea that the positive charged nature of the assembly domain is the unique

feature that is critical for filament formation. Interestingly, we found mutation of a

negatively charged residue (E1891) and an apolar residue (MI894) that occurs in an

especially positively charged region significantly disrupts filament assembly (Figure 2E).

This would be consistent with sequence-specific interactions between tail domains, rather

than gross charge, being important for filament assembly.

Function ofthe assembly domain in tail-tail interactions

The majority of the mutations that disrupt filament assembly cluster within a 15­

residue segment (1880-1894), which forms a positively charged interaction surface

(Figure 2, E and H). This segment corresponds to the positive charge cluster PI, which
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was suggested as being important for tail-tail interactions (Nakasawa et aI., 2005). In this

model, positive charge clusters PI and P2 interact with a conserved negative charge

cluster N1 in the parallel and anti-parallel oriented tail-tail interactions respectively

(Nakasawa et aI., 2005). This model yields molecular staggers that are close to the

reported values for each interaction (Nakasawa et aI., 2005; Kendrick-Jones et aI., 1971;

Barylko et aI., 1989; Trybus and Lowey, 1987; Small and Squire, 1972). Using structural

modeling and electrostatic calculations, we found similar energetically favorable

molecular staggers (Figure 3). Whereas the parallel interaction was indistinguishable

from the previously reported model, the anti-parallel interaction was shifted such that the

PI cluster was interacting with the N1 cluster in both interactions (Figure 3, B and C).

The discrepancy could be due to the slightly longer fragment we used, that contained a

second negative charge cluster that paired up with P2 in the anti-parallel interaction

(Figure 3C). This also explains why mutation of residues in PI, butnot P2, strongly

disrupted filament assembly (Figure 2, E and F).

Interestingly, deletion of the region containing both negative charge clusters does

not inhibit filament assembly (Figure 4A). Mutation of either of the negative charge

clusters also does not disrupt filament assembly (Figure 4A). It was previously reported

that the 90-residue assembly domain was sufficient for filament assembly (Liu et aI.,

2008). Also, calculations of the energy of electrostatic interactions between tail domains

show that multiple, albeit less stable, alternative molecular staggers can occur during tail­

tail interaction (Figure 3B). This suggests that less stable filaments, with altered

molecular staggers, could be formed when this upstream negatively charged domain is
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deleted or mutated. Structural analysis of paracrystalline aggregates formed by one of

these mutants displays structures that appear to be less stable and have altered molecular

packing (Figure 4B).

In further experimental support of these tail-tail interactions, filament assembly of

tail fragments containing inhibitory mutations within the assembly domain could be

restored to varying degrees with complementary mutations in a negatively charged,

upstream region (Figure 4, C, E and F). Complementation of anti-parallel interactions

seems to be more effective in restoring filament assembly than parallel interactions

(Figure 4, C and E). In fact, complementation ofR1912E mutation with

DEE1749,50,53KKK mutation not only restored filament assembly, but also led to partial

restoration of ordered molecular packing within paracrystalline aggregates (Figure 4D).

Full-length tail domain interactions

Structural modeling and electrostatic calculations of the tail fragment 1744-1968

was useful for understanding how two fragments interact with one another (Figure 3). To

understand how full length tail domains would pack into a bipolar minifilament, we

extended our modeling to the entire tail domain (1111-1968)(Figure 5). Our modeling

displays an electrostatic argument for the appearance of parallel and anti-parallel

molecular staggers found within filaments (Figure 5, B and C). Our data also explains the

observed relative affinities of tail-tail interactions that are oriented in a parallel and anti­

parallel fashion (Cross et aI., 1991).
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Our understanding of the formation of the minifilament structure has not

progressed much since early electron microscopy studies, due to the lack of three­

dimensional, structural information and the shift of interest to identifying tail segments

that confer competence to form filaments. The prevailing model for human platelet non­

muscle myosin filament structure consists of multiple anti-parallel overlaps that

progressively shorten to yield the 14.3 nm offset increment observed between head

domains in the filament (Niederman and Pollard, 1975). We found that one anti-parallel

stagger is more energetically favorable that several other, shorter alternative staggers.

After this favorable overlap, the longer the tail overlap becomes the less energetically

favorable the interaction between the two tail domains (Figure 5C). However, energy

minima do occur at intervals corresponding to the varying overlaps suggested in this

filament model (Figure 5, C and D)(Niederman and Pollard, 1975). A tail domain makes

contact with multiple neighboring tails within filaments. Thus, it may be possible that

multiple interactions between tails within the filament could stabilize these less favorable

anti-parallel overlaps. In light of our electrostatic calculations, it is interesting to consider

how different anti-parallel dimers could interact with each another, while the center of

mass of each dimer doesn't change relative position along the filament. A particular anti­

parallel dimer would be able to interact with a subset of other dimers using anti-parallel

contacts, but would only be able to interact with a distinct subset of dimers using parallel

contacts (Figure 5D).

We have found evidence that seems to confirm the notion that anti-parallel

interactions are more stable than parallel interactions, and likely drive the formation of
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filaments (Figure 5, Band C)(Cross et aI., 1991). Thus we propose a filament model that

utilizes one stable anti-parallel interaction that is translated along the filament backbone,

which creates staggered head domains in the filament (Figure 5C). A similar filament

model, containing 8 molecules, has been proposed for Acanthamoeba myosin II, which is

a well-understood model for bipolar filament formation (Sinard et aI., 1989; Sinard et aI.,

1990; Turbedsky et aI., 2005). Despite the lack of sequence conservation, we propose that

myosin II from higher eukaryotes form filaments by a similar mechanism. Using one

stable anti-parallel overlap (approximately 40 nm) as a building block, a bipolar filament

that is twice as long as the myosin monomer would contain 16 molecules (Figure 5, C

and E). The anti-parallel overlap needed to generate a filament with 28 molecules would

be approximately 80 nm, which is energetically unfavorable (Figure 5, C and E). This

model of the filament would contain different lengths of head zones and bare zone than

reported for platelet myosin II (Figure 5E)(Niederman and Pollard, 1975). However,

electron microscopic analysis of zipper has yielded bipolar filaments that fit closely to the

model we propose here (Figure 5E)(Kiehart and Feghali, 1986).
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Figure 11. Theoretical three-dimensional mod I of the zipper bipolar
minifnlament. A, Lateral packing geometries, hexagonal and tetragonal, of
coiled-coil tail domains. S, Early interactions within the minifilament that
stabilzes end-on-end tail domains. These interactions set the barezone length,
the overall length of the minifilament, and consequently the number of myosin
molecules per min ifilament. C, Strucutral intermediates of filament formation.
D and E, Structural model of the fully-assembled zipper minifilament. Three
anti-parallel interactions (1 x 14.3 nm, 3 x 14.3 nm, 5 x 14.3 nm equivalent) and
two parallel interactions (1 x 14.3 nm and 3 x 14.3 nm) form the building blocks
for zipper bipolar minifilament formation.
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Three-dimensional structural model ofzipper filaments

Our understanding of the structure of non-muscle myosin minifilaments has been

limited by the lack of three-dimensional information of this large macromolecular

assembly. Electron microscopy studies of myosin filaments have yielded common

molecular staggers that occur in a variety of filament types (Lowey et aI., 1969;

Kendrick-Jones et aI., 1971; Niederman and Pollard, 1975; Trybus and Lowey 1984;

Trybus and Lowey, 1987; Cross et aI., 1991; Atkinson and Stewart, 1992; Solm et aI.,

1997). The prevailing structural model of the non-muscle myosin II minifilament

described the limitations of the overall filament length, and the length of the bare-zone

(Figure 5D)(Niederman and Pollard, 1975). Our results have led us to an alternative

model that employs a consistent anti-parallel interaction, which leads to distinct

geometrical features if the length of the mini-filament is constrained to twice the length

of the monomer (Figure 5E). This highly schematic model for a minifilament utilizes two

interactions (parallel-14.3 nm and anti-parallel-43 nm), similar to the model for smooth

muscle myosin II (Figure 5E)(Cross et aI., 1991). Smooth muscle myosin II forms large

side-polar filaments that extend for long distances (Cross et aI., 1991). The filament

structure of non-muscle myosin II would likely inherently constrain the length of the

minifilaments. Thus, we propose a three-dimensional, theoretical model for the zipper

minifilament that could explain the size and character of these filaments (Figure 6).

Myosin tail domains pack tightly within the filament backbone using parallel and

anti-parallel interactions. The simple coiled-coil nature ofthe myosin tail domains and

the periodic structure of the minifilament make theoretical modeling of the minifilament
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structure tractable. Tail domains interact favorably with molecules staggered odd

multiples of 14.3 nm (Figure 5, B and C). This places constraints on the placement of tail

domains within the filament. It has been suggested that tail domains laterally pack within

the filament backbone in a hexagonal array (Niederman and Pollard, 1975). Hexagonal

packing, in which a tail contacts six interacting pm1ners, is difficult to achieve due to

unfavorable interaction constraints (Figure 6A; Figure 5, B and C). By contrast,

tetragonal packing allows favorable tail-tail interactions, while distancing unfavorable

interactions by diagonal positioning (Figure 6A).

The overall length of the mini-filament is determined by the inability of the

terminal molecules to interact with anti-parallel contacts (Niederman and Pollard, 1975).

We propose that early contacts within the filament set both the overall length, and the

length of the bare-zone (Figure 6B). These contacts are comprised of the stable anti­

parallel 395A overlap, and a parallel 430A staggered parallel interaction, which stabilizes

two end-on-end tails and the overall length of the minifilament (Figure 6B). Interestingly,

these contacts lead to the occupation of head positions at the each end of the head zone,

and determine many of the observed filament features (Figure 6B). It should be noted that

a distance of 35A separates the end-on-end tail domains to yield synergistic parallel and

anti-parallel interactions (Figure 6B). It is likely that the non-helical tailpiece occupies

this space in the native filament.

Electrostatic calculations suggested that rotational effects on tail-tail interactions

were negligible (data not shown). Thus, a tail domain may interact with multiple partners

using identical molecular staggers. The model we propose here assembles the first 8
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molecules in the center of the filament using only the 395A (3 x 14.3 nm equivalent) anti­

parallel overlap and the 430A parallel stagger tail-tail interactions. This likely represents

the most stable filament core possible. The next filament intermediate involves inter-tail

domain contacts of an anti-parallel dimer with neighboring molecules, utilizing anti­

parallel overlaps (l x 14.3 nm and 5 x 14.3 nm equivalent) and a parallel offset of 14.3

nm, which are all energetically favorable (Figure 5, Band C; Figure 6C). Addition of the

last anti-parallel dimer involves two parallel contacts of 14.3 nm and an anti-parallel

overlap (5 x 14.3 nm equivalent)(Figure 6C).

We were able to build a three-dimensional model of the zipper minifilament

utilizing, primarily the stable anti-parallel overlap (3 x 14.3nm equivalent), two less

stable overlaps (l x 14.3 nm and 5 x 14.3 nm equivalent), and two parallel molecular

staggers (1 x 14.3 nm and 3 x 14.3 nm)(Figure 6D). Perhaps more importantly, by using

tetragonal packing, we were able to avoid any unfavorable molecular staggers within the

minifilament (Figure 6). All of the tail domain n-termini are solvent exposed, so that head

and neck domains would be able to project from the filament backbone at these sites

(Figure 6E). Interestingly, the filament geometry prevents the n-terminal portion of the

tail domains to pack together tightly, which is electrostatically unfavorable (Figure 6, D

and E; Figure 5, B and C).

The model we present here is consistent with all physical observations and

provides a framework for understanding the detailed mechanism by which this

fundamental cellular structure is generated. Several other slight variations of this model

would satisfy the tail-tail interactions that we have described in this study. However, the
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general principles introduced by our structural model must be satisfied by any alternative

model. Five total interactions between neighboring tail domains form the basis for non­

muscle myosin bipolar minifilament formation.

Materials and methods

Cloning, overexpression, andpur(fication

Zipper regions were subcloned using a plasmid containing the full-length Zipper

B sequence that was kindly provided by Dan Kiehart (Su and Kiehart, 2001). Deletions

were created using splicing by overlapping extension PCR. Zipper tail fragments were

mutated using QuikChange™ Site Directed Mutagenesis Kit (Stratagene, La Jolla, CA)

according to the manufacturer's instructions. All deletions and mutations were confirmed

by DNA sequencing. Zipper regions were expressed in E. coli using the pET-19b

derivative pBH vector (Peterson et aI., 2004). Recombinant his-tagged fusion proteins

were purified using Ni-NTA resin and standard protocols, which yielded >90% pure

protein. Ion-exchange chromatography was used to further purify proteins if necessary.

The Ni-NTA purified proteins were dialyzed extensively against salt-free buffer (10 mM

Tris, pH 8.0; 1 mM DTT; 1 mM EDTA) at 4°C. Purity was established using SDS­

PAGE.

Filament assembly assay

The filament assembly assay was performed as previously described (Liu et aI.,

2008). Briefly, we incubated zipper tail constructs (10 IlM) at a range of salt
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concentrations in assembly buffer (l0 mM Tris-HCI, pH 8.0; 1 mM DTT; 1 mM EDTA)

for 30 minutes at 4°C followed by centrifugation at 100,000 x g for 30 minutes. We then

separated the soluble and insoluble phases and loaded equal volumes for analysis by

SDS-PAGE. We used ImageJ (NIH) to determine relative protein amounts from scanned,

coomassie brilliant blue stained gels.

Electron microscopy

For paracrystal formation tail fragments (l flM) were incubated in buffer (l0 mM

Tris-HCI, pH 8.0; 50mM NaCI, 1 mM DTT) with the addition of2 mM or 10 mM MgCh

or CaCho For negative staining 10 fll samples were applied to 300-mesh carbon stabilized

copper grids coated with formvar (#01753-F; Ted Pella), that were render hydrophilic by

glow discharge in a partial vacuum, for 30 seconds. The grids were then washed with 6

drops of the same buffer, and stained with 1-2% uranyl acetate for 30 seconds and dried.

Electron micrographs were taken on a FEI Titan FEG-TEM electron microscope, at an

acceleration voltage of 80 kV, with a Gatan 2K x 2K CCD for image capture.

Construction ofzipper tail structural model and electrostatic calculations

The structural model for the zipper tail domain was created by duplicating and

aligning a repeatable subunit to generate a long, straight coiled-coil. The repeatable

subunit was derived from the structure of the coiled-coil trigger site of the actin

crosslinker I from Dictyostelium discoideum (Burkhard et aI., 2000; 1D7M). We then

mutated the sequence to the zipper tail sequence with skip residues removed to keep the
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heptad repeat in register. The residue sidechains were energy minimized to yield a

feasible zipper tail domain structure.

We generated models of parallel or antiparallel myosin rod palfS (with the

monomer model described above) using PyMol. The rods were placed 2 nm apart (center

to center) at the desired overlap. To avoid steric clashes, we subjected amino acid side

chains in the model to 20 cycles of conjugate gradient energy minimization using CNS.

Charge states were assigned with pdb2pqr and electrostatic energies were calculated with

APBS using a dielectric of 80.
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CHAPTER IV

CONCLUDING REMARKS

Non-muscle myosin II generates contractile forces in non-muscle cells for

fundamental cell biology features, such as maintenance of cell shape and cortical rigidity,

and is necessary for complex behaviors like cell migration, organ morphogenesis, wound

healing, and cytokinesis (Young et al., 1993; Edwards and Kiehart, 1996; Shelden and

Knecht, 1996; Hickson et aI., 2006; Martens and Radmacher, 2008; Pollard, 1981;

Warrick and Spudich, 1987; Ridley et aI., 2001; Bement et aI., 1999; Glotzer, 2005;

Robinson and Spudich, 2004). Myosin II is able to generate contraction by assembling

into bipolar minifilaments that slide opposing actin filaments, which leads to a spatially

shortened actin network. Myosin II activity in non-muscle cells is tightly regulated to

ensure that contractile force is generated in regions of the cell where contraction is

needed locally. This targeted activation of non-muscle myosin II is required for its

physiological role of controlling cell shape during complex cellular processes. Unlike

other isoforms of myosin II, non-muscle myosin II activity is targeted to cellular domains

through the regulated formation of force-producing minifilaments (Egelhoff et aI., 1993;

Breckenridge et aI., 2009). Filament assembly, regulation, and cellular localization of

non-muscle myosin II are mediated by the unique tail domain (Sellers et aI., 2000; Zang
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and Spudich, 1998; Liu et aI., 2008). Much of what is known about the activity of the tail

domain comes from studies of protozoan non-muscle myosin lIs, which are divergent

from higher eukaryotes (Liu et aI., 2008). The mechanisms of tail domain activity are

unknown in higher eukaryotes.

In this dissertation, we used the Drosophila non-muscle myosin II heavy chain,

also known as zipper, to investigate the role of the tail domain in forming bipolar

filaments and targeting to cellular sites. We identified specific domains within the tail

that mediated different activities of the tail domain. One of the most appreciated activities

of the tail domain is mediating minifilament formation through electrostatic tail-tail

interactions. It was previously shown that the carboxy-terminal 300 residues of the tail

domain were required to form filaments (Su and Kiehart, 2001). We tested the ability of

various tail fragments to oligomerize in a salt-dependent manner, in order to narrow

down the region of the tail domain that was responsible for the formation of filaments.

These experiments led to the identification of a 90-residue "assembly domain" (1849­

1940) near the c-terminus of the coiled-coil tail that was necessary and sufficient for

filament assembly. This domain displayed a unique positive charge profile, compared to

the rest of the tail domain.

Likewise, we tested the ability of different tail fragments to localize within the

cell in a cell cycle-dependent manner. Non-muscle myosin displays a complex

localization pattern in cells. During interphase, myosin II localizes to the cytoplasm and

the actin-rich cell cortex. As the cell begins cell division, myosin II depletes from the

cortex and becomes cytoplasmic during metaphase. During anaphase, myosin II forms
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cortical patches, but depletes from the polar cortex, while enriching at the midzone

during anaphase extension and chromosome separation. Myosin II becomes concentrated

in a narrow band at the cleavage furrow that separates the resulting daughter cells during

telophase. Distinct tail fragments were able to localize to the interphase cortex (1350­

1865) and the cleavage furrow (1744-1969). Interestingly, targeting to the cleavage

furrow requires the assembly domain, which is consistent with studies of Dictyostelium

myosin, where filament assembly was necessary for cleavage furrow localization (Sabry

et aI., 1997). This indicates that the ability to form filaments is important for targeting of

myosin II to certain cytoskeleton assemblies, but not the interphase cortex.

We next set out to understand how tail domains interacted with each other to

produce a force-generating minifilament. Assembly domains, which have been

discovered in all myosin II isoforms studied to date, are required and often sufficient for

filament assembly (Nakasawa et aI., 2005; Sohn et aI., 1997; Nyitray et aI., 1983; Cross

and Vandekerckhove, 1986; Atkinson and Stewart, 1991; Cohen and Parry 1998; Ikebe et

aI., 2001; Rosenburg et aI., 2008). These assembly domains are often small, and it is

unclear how assembly domains interact to form filaments. Using deletion analysis and

mutagenesis, we defined the critical elements within the assembly domain of zipper that

are required for filament assembly. Positively charged residues and regions were critical

for filament assembly; especially a short IS-residue segment (1880-1894) that likely

forms a critical interaction surface. Structural modeling and electrostatic calculations

described how two tail fragments interact with each other, and how these critical positive

charge regions could make several less stable alternative interactions making the
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identification of complementary interaction surfaces difficult. We confirmed the

modeling results with complementary mutagenesis and electron microscopic analysis of

tails packing in a crystalline array with molecular staggers identified by the electrostatic

calculations. Modeling of the entire tail domain led to the identification of specific

electrostatic interactions, which explains the molecular packing observed in a variety of

myosin II filaments (Lowey et aI., 1969; Kendrick-Jones et aI., 1971; Niederman and

Pollard, 1975; Trybus and Lowey 1984; Trybus and Lowey, 1987; Cross et aI., 1991;

Atkinson and Stewart, 1992; Sohn et aI., 1997). We were able to build a three­

dimensional model of the zipper bipolar minifilament using the tail-tail interaction

information garnered through structural modeling and electrostatic interaction

calculations. To our knowledge, this structural model of the 8.58 MDa non-muscle

myosin II bipolar filament is consistent with all physical observations and provides a

framework for understanding the detailed mechanism by which this fundamental cellular

structure is generated. Reconstructions of zipper filaments from electron microscopy

would be useful to evaluate in detail the validity of this structural model.

This work has been important for identifying distinct domains within the coiled­

coil tail of myosin II that mediate different activities like the formation of minifilaments

and targeting to cellular sites. These studies have uniquely examined the interactions that

lead to the assembly of non-muscle myosin II minifilanlent in unprecedented detail.

However, there are still many outstanding questions left to investigate. I will briefly

detail several areas of research that are left to be addressed in the future.
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The tail domain of non-muscle myosin II not only mediates localization and

filament assembly, but has also been implicated in the regulation of myosin activity

(Sellers, 2000; Sellers and Knight, 2007). Regulation of non-muscle myosin II activity

occurs by modulating the assembly state of myosin (Egelhoff et ai., 1993; Breckenridge

et ai., 2009). Thus, it is not surprising that the tail domain plays a role in regulation of

myosin activity. In higher eukaryotes, the activity of non-muscle myosin II is controlled

by signal transduction pathways that alter the phosphorylation state of the regulatory light

chain (RLC). When RLC in not phosphorylated, myosin II folds into a compact "off'

state that requires the tail domain to fold back with two acute bends (Trybus and Lowey,

1984; Burgess et ai., 2007). Recent electron microscopy studies suggest that segments of

the tail interact to form a three-stranded bundle (Burgess et ai., 2007). The tail likely

utilizes intra-tail domain contacts that are similar to the inter-tail domain contacts we

have described for the formation of filaments. This could explain the inability of this off

state to interact with other molecules to form filaments.

It is currently unknown how the RLC, which binds in the neck domain,

communicates with the tail to inhibit the activity of the assembly domain near the c­

terminus of the molecule. In the extended, active conformation, approximately 150 nm of

distance and nearly 1000 residues separate the RLC and the assembly domain. Therefore,

allosteric communication between these domains must occur over a great distance. To

understand how RLC and the tail domain interact to achieve regulation of non-muscle

myosin II, we have developed an artificial construct that can be recombinantly expressed
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and purified for in vitro experiments. This experimentally tractable system will lead to

important insights into the mechanism of non-muscle myosin II regulation.

We have generated a detailed structural model for the non-muscle myosin II

bipolar minifilament. This model explains many of the molecular staggers observed in

different types of myosin filaments such as the 14.3 nm axial stagger, 43 nm helical

repeat, and the widely reported 43 nm anti-parallel overlap (Trybus and Lowey, 1984;

Craig and Woodhead, 2006). These conserved parameters could be explained by the large

amount of sequence conservation throughout the tail domain of different myosin II

isoforms from a variety of organisms (Sohn et aI., 1997; Nakasawa et aI., 2005). Given

this, it is unclear why different myosin II isoforms assembly into filaments of different

sizes and shapes. Myosin II isoforms from striated muscle form large bipolar thick

filaments. Non-muscle myosin II forms small bipolar minifilaments with a similar

character, but a distinct size O'Jiederman and Pollard, 1975). Skeletal myosin II filaments

contain 4 heads, cardiac myosin II contains 3 heads, and non-muscle myosin II contains 2

heads per axial interval (Offer et aI., 2000; Woodhead et aI., 2005; Zoghbi et aI., 2008;

Niederman and Pollard, 1975). Smooth muscle myosin II displays molecular staggers

similar to other myosin II isoforms, but the filaments have a side-polar nature, forming a

flattened sheet (Cross et aI., 1991; Hodge et aI., 1992; Xu et aI., 2008). Currently, given

the conserved sequence and conserved molecular staggers, it is unknown what the unique

features contained within the tail domain of different myosin II isoforms lead to the

unique characters of the resulting filaments that are formed.
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Finally, we identified distinct domains for localizing to the interphase cortex and

the cleavage furrow during cell division. These domains are part of the tail domain,

which displays the same localization as full-length non-muscle myosin II. Actin binding

is not required for localization, as expected since the head domain was not required for

localization. The mechanisms these domains employ to target to cytoskeletal domains are

unknown. Also, changes in the cortex or cell signaling lead to the depletion of myosin

from the cortex. Defining the localization mechanisms of myosin II would deepen our

understanding of contractile force regulation. To this end we began using Drosophila

neuroblasts as a model for understanding regulated localization of myosin II. Neuroblasts

are polarized cells that divide asymmetrically to yield daughter cells with distinct protein

content and daughter cell size. During division, non-muscle myosin II depletes only from

the apical, polar cortex at the onset of anaphase. Contraction accompanying chromosome

separation leads to an asymmetric anaphase extension, which results in an asymmetry in

daughter cell size. Genetic perturbations and imaging techniques in Drosophila will allow

us to dissect signaling pathways that lead to asymmetric depletion of myosin.
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